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ABSTRACT 

Hatch date affects the survival and settlement success of marine invertebrate 

larvae. The objective of this study was to determine whether American lobster embryos 

raised individually detached from a female’s brood can be used to study and simulate the 

development and hatch of embryos attached to a female’s brood. I raised lobster embryos 

during the last 50-91 days before their hatch in late spring to early summer, both attached 

to- and isolated-from female broods, and predicted their hatch based on estimates of 

embryo development rate and development status at hatch (based on eye size) from this 

and two published studies. Embryos isolated from their brood had a high hatch rate 

(>98%) and their development time was comparable to that of their attached siblings, 

suggesting that they provide a useful tool for future research, including in the context of 

large-scale ecological or modelling studies of lobster hatch and larval dispersal. 
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1 Introduction 

1.1 American lobster fishery 

The American lobster (Homarus americanus) (Milne 1837) has a broad 

geographic range, occurring from Cape Hatteras, North Carolina, to Labrador (from 35° 

to 50° N latitude), and it supports the most economically valuable fishery in Canada 

(Department of Fisheries and Oceans, or DFO 2018) and the United States of America 

(Atlantic States Marine Fisheries Commission, or ASMFC 2015). In 2019 the American 

lobster fishery generated over 1.6 billion Canadian dollars, representing 44% of the total 

commercial value of all fisheries in Atlantic Canada (DFO 2020), and $636.5 million US 

dollars (NOAA Fisheries commercial fishing landings database [retrieved 2021]). The 

lobster fishery also contributes to the tourism economy, as summer tourists in coastal 

towns are drawn in part by the freshly caught lobsters served in restaurants, and by the 

sight of lobster traps, lobster boats and colourful buoys in fishing villages (Daniel et al. 

2008, Berger 2014). 

The American lobster fishery is divided into management areas (MAs), which are 

called lobster fishing areas (LFAs) in Canada (DFO 2018), and lobster management 

zones in the U.S. (ASMFC 2015). These fisheries are not managed through quotas, but by 

various measures controlling effort, including limits to the number of licenses, traps, 

minimum size of lobster than can be harvested, seasonal openings and closures, and 

prohibition against harvesting ovigerous females (DFO 2018, ASMFC 2015). The 

delineation of these management areas is mainly based on socio-economic 

considerations, rather than biology. Implicit in this management system is that lobsters in 
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a particular MA are independent of those in other MAs, and that a MA’s regulations have 

no effect outside its borders. It is well recognized, however, that this assumption is 

inaccurate, and that there is some (and potentially considerable) degree of mismatch 

between the biological stocks of lobsters and their management areas; lobsters cross MA 

boundaries as larvae drifting on currents (e.g., Miller 1997, Xue et al. 2008, Chassé & 

Miller 2010) and via adult movements on the seafloor (e.g., Uzmann et al. 1977, 

Campbell and Mohn 1983, Campbell and Stasko 1985, Campbell and Stasko 1986, 

Campbell 1986, Campbell 1989, Haakonsen and Anoruo 1994, Comeau et al. 1998, 

Comeau et al. 1999, Comeau and Savoie 2002, Morse et al. 2018) (to be addressed later). 

 

1.2 American lobster life history 

There are two distinct life phases in the American lobster’s life history, a pelagic 

larval phase, and a benthic phase (Miller 1995). For most females, reproduction takes two 

years; females typically molt and mate during the first summer of the cycle, then they 

store sperm in their seminal receptacle until the following spring-summer, when 

spawning occurs. Embryos develop on the females’ abdomen for 9-13 months (Ennis 

1983), where the female protects them from environmental hazards (Bauer 1979) until 

they hatch the following spring-summer (May-September) (Templeman 1940). Females 

have specialized pleopods with setae to groom and manipulate the embryos, reducing 

biofouling and preventing parasite and predator settlement (Fleischer et al. 1992, Förster 

and Baeza 2001, Baeza and Fernández 2002). Newly released larvae drift in the water 

column for 3-15 weeks (MacKenzie 1988), depending in part on water temperature, 
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undergoing three molts and dispersing with ocean currents prior to reaching the postlarval 

stage (Katz et al. 1994). Approximately halfway through this later stage, postlarvae 

become physiologically ready to settle on the seafloor, which they do when suitable 

substrate is found, preferably structurally complex bottom such as that provided by 

cobble (Botero & Atema 1982, Cobb et al. 1989). These newly settled early juveniles (ca. 

5-14mm carapace lengths, or CL) are largely “shelter-restricted”, meaning that they 

spend most of their time sheltered (Lavalli and Lawton 1996). Larger juveniles 

progressively change from being shelter-restricted to gradually moving more outside of 

shelter, a change which is associated with a reduction in susceptibility to predation and an 

increase in energetic requirements (Lawton 1987). Juveniles grow by molting several 

times until they reach the adolescent phase, at which point they are physiologically 

mature but not yet functionally mature, meaning that they are capable of reproduction but 

not likely to mate because they are not successful at attracting mates (Lawton and Lavalli 

1995). The adult phase begins with functional maturation. The duration of the adult phase 

varies significantly among individuals, with most mortality being related to fishing and 

molting (Campbell 1983). 

 

1.3 American lobster dispersal and connectivity 

 Connectivity (i.e., exchange of individuals between populations) results from an 

interplay between physical and biological processes that impact population dynamics 

(Frisk et al. 2014). Both pelagic and benthic phases of American lobsters are capable of 

long-distance movement (> 70 km), and these could have large impacts on connectivity 
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among lobster stocks and management areas. For the benthic phase, long distance 

movements have been observed in the Bay of Fundy (BoF) and the Gulf of Maine (GoM) 

(Bergeron 1967, Saila and Flowers 1968, Cooper and Uzmann 1971, Dow 1974, Uzmann 

et al. 1977, Fogarty et al. 1980, Munro and Therriault 1983, Campbell et al. 1984, 

Campbell and Stasko 1985, 1986, Campbell 1983, 1986, 1989, Robichaud and Lawton 

1997). In contrast, lobsters in the southern of Gulf of St. Laurence (sGSL) perform only 

relatively short annual movements (< 20 km) (Comeau and Savoie 2002), due to the 

existence of a “cold intermediate layer” of water that they are very unlikely to ever cross. 

However, even in this region the benthic movements displayed by adults have recently 

been shown to meaningfully contribute to connectivity among LFAs if they are 

considered over the lifetime of the individuals, rather than over a single year (Morse et al. 

2018).  

For the pelagic phase, connectivity is via larval dispersal, which is generally 

considered more important to connectivity than benthic movement. The dispersal of 

American lobster larvae has been studied with the aid of bio-physical models in both the 

GoM (Incze & Naimie 2000, Incze et al. 2006, Xue et al. 2008, Incze et al. 2010,) and 

sGSL (Chassé and Miller 2010), and more recently over most of the species’ range 

(Quinn et al. 2017). In general, modeled larvae have been predicted to drift long yet 

variable distances, from less than 10 km up to over 400 km (Chassé & Miller 2010, Incze 

et al. 2010, Quinn et al. 2017), resulting in considerable, but variable, connectivity among 

different MAs (Incze and Naimie 2000, Xue et al. 2008, Incze et al. 2010, Quinn et al. 

2017). For example, in Quinn et al. (2017) study, 30% of MAs were predicted to export 
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at least 90% of their larvae to other MAs, and to receive at least 90% of their settlers 

from other MAs.  

Temporal and spatial variability in conditions of the physical environment, such 

as temperature, the frictional forces related to coastal topography, the stratification of 

water columns, tidal forces, wind-driven surface current, surface waves, and turbulence 

(Largier 2003, Gawarkiewicz et al. 2007), can all have pronounced direct and indirect 

effects on physiological rates, behavior, and dispersal of larvae (Cowen and Sponaugle 

2009). Connectivity via larval dispersal is also greatly affected by biological factors, such 

as the time and number of larvae released (Watson et al. 2010, Espeland et al. 2015), 

larval development rate (Quinn et al. 2017), mortality at different stages (Watson et al. 

2010, Chassé and Miller 2010, Quinn et al. 2017), swimming behavior (Katz et al. 1994, 

Butler et al. 2011), and selection of suitable habitat (Kingsford et al. 2002, Montgomery 

et al. 2006).  

Among the biological factors that affect larval dispersal and connectivity, the time 

of hatching may be particularly important, as it will affect the environment (e.g., currents, 

temperatures, food availability, and predation; reviewed in Morgan 1995) larvae 

experience, which in turn could markedly affect their dispersal and contribution to 

patterns and amounts of connectivity among stocks and MAs. There is limited published 

empirical information on the importance of hatch date to lobster larval drift and survival 

(Goldstein and Watson 2015, Haarr 2020). Several studies have argued that embryos 

hatched earlier in the summer, when water temperatures are lower, take longer to develop 

and will drift over greater distances than embryos hatched later in the summer (Miller 

1997, Xue et al. 2008, Chassé and Miller 2010). These differences are expected to be 
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consequential to larval survival, as the mortality of lobster larvae is believed to be very 

high; Scarratt (1964) estimated lobster larval mortality at 20% per day. Longer drift 

distance will also likely increase the probability that larvae will be “washed offshore”, 

where they may be less likely to find a suitable settlement habitat. Consistent with this 

understanding, a recent study (Haarr 2020) suggested that hatch date of lobsters may have 

evolved to reduce drift time. In particular, it showed that at 19/22 (86%) sampling sites 

across Canada, the observed peak hatching week included the hatch date that was 

predicted to minimize drift time. This modeling work also suggested that the mean drift 

time and distance could differ by up to 100 days (mean = 15 days) and 300+ km (mean = 

45 km) between any two consecutive weeks of larval release in those 22 study sites. 

These different lines of reasoning and modeling exercises indicate that hatch time is 

likely highly consequential to the dispersal and survival of lobster larvae. 

 

1.4 Hatch time in American lobsters 

1.4.1 Hatch time in American lobsters: patterns  

The hatch period of American lobster is fairly extensive, varying from May to late 

September. Some of this variability reflects differences among regions, although hatch in 

any one location also occurs over a fairly extended period of time. Hatch date was 

estimated from May to June in the warmer southern part of the species’ range (Herrick 

1895, Hughes and Matthiessen 1962, Lund and Stewart 1970, Bibb et al. 1983, Fogarty et 

al. 1983), and from mid-June through September in its colder northern part (Templeman 

1940, Ennis 1983). The hatch period in regions between these extremes is from mid-June 
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to late-September, with a peak around August (e.g., July to September in the Gulf of 

Maine [Campbell 1986] and in the Gulf of St. Lawrence [Haarr 2018]; mid-June to late 

September in the Northumberland Strait [Scarratt 1964, 1973]). The hatching period of 

female lobsters in a given area has been estimated to be approximately 12 weeks (Ennis 

1995), although the contribution of variability among females and/or embryos of a same 

brood to this relatively broad hatch period has not been well quantified.  

 Time of hatching is not the same from year to year, and there is evidence that it 

might be shifting in some regions. For example, the onset of hatch over the past 25 years 

has varied among regions of the sGSL by as much as 8 weeks in any given year, and by 

up to 7-9 weeks in different years for a same region (Haarr et al. 2020). Similarly, the 

progression of hatching in a given region also varies considerably from year to year, 

sometimes showing a marked peak period of hatching, and in other years showing more 

uniform hatching over time (Scarratt 1964, Haarr et al. 2020). 

 

1.4.2 Hatch time in American lobsters: ultimate causes  

Hatching is one of the earliest events that can markedly affect the survival of 

many marine species, including American lobsters. Ultimately, the fitness of an 

individual female will be increased if the timing of its hatch increases the number of her 

larvae that successfully settle in a quality habitat. Although the ultimate causes of 

hatching time of American lobster are not well understood, crustaceans seem to have 

evolved at least three main strategies related to hatch time to increase the likelihood of 
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this favorable outcome: (1) avoiding predators, (2) encountering favorable feeding 

conditions, and (3) reducing drift time.  

Very little is known about predators of newly hatched American lobster larvae, 

although hatching has been observed to usually start at night (Ennis 1975, Carloni and 

Watson 2018), which may suggest a strategy to avoid predators. Predation is an obvious 

limitation to larval survival. Other species of decapods release larvae at night, potentially 

to decrease the risk of predation by visual predators (Forward 1987), or during high 

spring tides, to “dilute” the risks of predation and competition (Sulkin & Epifanio 1986).  

Food availability affects the survival and growth of pelagic larvae (Hjort 1914). 

Some crustaceans hatch at a time with better feeding conditions, to maximize availability 

of quality food to the larvae (Hjort 1914, Strathmann and Strathmann 2007). Cushing’s 

match/mismatch hypothesis (1990) proposes that the temporal match between peak 

production of larvae and their food resource (e.g., microalgae) is a strong determinant of 

larval mortality, and therefore recruitment success. The natural diet of lobster larvae 

includes a variety of relatively large zooplankton organisms (Juinio and Cobb 1992). A 

recent study (Carloni et al. 2018) found a significant relationship between the abundance 

of late-stage lobster larvae and of the copepod Calanus finmarchicus, indicating that 

synchronizing hatch with the presence of this prey may be beneficial to the survival of 

lobster larvae.  

Some species hatch at a time that reduces the length of the pelagic larval phase 

(Bradbury et al. 2000). Warm summer temperature accelerates development of larvae, 

which decreases time exposed to predators and reduces the likelihood of dispersal to 

unfavorable locations (Hudon and Fradette 1988, Chassé and Miller 2010). Haarr (2018) 
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demonstrated that hatch date of American lobsters appears to be optimized to reduce the 

time and distance of larval drift in the water column, potentially to minimize larval 

mortality due to predation and drift to unfavorable offshore settlement locations. 

 

1.4.3 Hatch time in American lobsters: proximate causes  

Many proximate factors are known to affect crustacean embryo development and 

hatch, including salinity (Templeman 1936, Charmantier et al. 1988, Giovagnoli et al. 

2014), oxygen levels (Fernández et al. 2003), photoperiod, tides (reviewed by Ferrero et 

al. 2002), and temperature (reviewed by Hartnoll 1982, Green et al. 2014). These and 

other factors can affect the hatch process directly (i.e., breaking of embryos membrane 

and envelope) and/or indirectly, via effects on embryo development rate. 

The processes governing hatching time of American lobster are not fully 

understood. Water temperature is known to have a marked effect on hatching time, with 

embryos developing more rapidly and hatching earlier in warmer water. For example, 

embryo development from extrusion to hatching required 160 weeks at 5 °C, and only 12 

weeks at 25 °C (Perkins 1972). However, and as mentioned earlier, embryos on a same 

brood don’t all hatch on the same day, but rather up to 15-31 days apart (Ennis 1975), 

even though they were spawned and fertilized within 24 hours, indicating that 

temperature is not the only factor that affects hatch date. The proximate cause for this 

intra-brood variability in hatch date is not known. Perhaps micro-environment conditions 

in the brood (e.g., oxygen) affect development rate of different embryos, although it 

seems questionable whether certain embryos would consistently be exposed to different 
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environment conditions inside a female brood, given female movement and fanning 

behavior. Instead, perhaps this intra-brood variability in hatch date is related to intrinsic 

differences between embryos, perhaps in terms of the energy source provided by the 

female upon spawn or perhaps genetic differences.  

Another, non-exclusive, possibility is that variability in hatch date among 

embryos may be related to their “stage of development” at hatch. Previous studies have 

demonstrated considerable variability in development status at hatch within a brood, 

based on eye size; the variability in eye-size-at-hatch within a brood is similar to (Haarr 

2018) or greater than (Miller 2020) that among female broods. This variability in 

development status at hatch could be under the embryo’s control, via active rupturing of 

the egg membrane prior to hatch. Two non-mutually exclusive mechanisms of egg 

membrane rupturing (reviewed by Davis 1981), which are mostly if not entirely under the 

embryo’s control, have been proposed: mechanical and osmotic. Mechanical breakage of 

embryo capsule has been observed in the ridgeback prawn Sicyonia ingentis, where the 

embryos’ caudal spines are used to rupture the egg membrane (Kidd 1991). American 

lobster embryos may use a similar strategy, as they possess sharp lateral spines that are 

retracted during embryo development, but that appear to extend during hatching (Helluy 

& Beltz 1991). Secondly, an increase in internal osmotic pressure, related to increasing 

egg membrane permeability in late embryo development, is thought to facilitate rupturing 

of the egg membrane of many crustaceans (e.g., isopods [Davis 1964], branchiurans 

[Davis 1966], copepods [Davis 1959]), including American lobsters (Pandian 1970, 

Charmantier and Aiken 1987). Such an increase in membrane permeability has been 

associated with the production of proteolytic “hatching enzymes” by embryos of a great 
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diversity of taxa (e.g., fish and amphibians [Ishida 1944, Kaighn 1964, Katagiri 1975]; 

gastropods [D’Asaro 1969]; octopods [reviewed by Wells and Wells 1977]; echinoids 

[reviewed by Guidice 1973, Stearns 1974, Okazaki 1975]; tunicates [reviewed by Berrill 

1975]), including Crustaceans (Pearson 1939, Sukô 1969, De Vries & Forward 1991, 

Geier and Zwilling 1998, Saigusa and Terajima 2000).  

Hatch time can also be affected by seasonal movements displayed by ovigerous 

females, as these can affect the thermal history of their embryos (Cowan et al. 2007, 

Goldstein and Watson 2015). It has been proposed that females display such movements 

to adjust their thermal environment to meet the physiological requirement of molting, 

mating, egg extrusion and embryo development (Cooper and Uzmann 1971, 1980; 

Campbell and Duggan 1980; Fogarty et al. 1980; Ennis 1984; Campbell 1986, 1990, 

1992; Pezzack et al. 1992; Lawton and Lavalli 1995; Comeau and Savoie 2002, 

Goldstein and Watson 2015). In the latter context, it has been hypothesized that 

ovigerous lobsters undertake seasonal migrations to maximize the degree-days 

experienced by their embryos (Campbell 1986). For example, some studies (Ennis 1984, 

Campbell 1986, reviewed by Lawton and Lavalli 1995) have suggested that ovigerous 

females from relatively cold areas in the Bay of Fundy and Newfoundland migrate to 

deeper water in the fall, and then back to inshore shallower water in the spring, so that the 

embryos are exposed to a warmer (deep in fall and winter, and shallow in spring and 

summer) and more stable thermal environment over the entire brooding period to fulfill 

the degree-days requirements for embryo development. However, other studies (Cowan 

et al. 2007, Goldstein 2012, Goldstein and Watson 2015) have found that ovigerous 

females from relatively warmer areas in mid to southern Gulf of Maine also migrate to 
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deeper and warmer waters in the fall, but then stay in deeper these waters in the spring 

prior to hatch, when these are colder than shallower inshore waters, suggesting that these 

seasonal movements have not simply evolved to accelerate embryo development. Other 

functions could include adjusting the timing of hatch to the presence of preferred 

zooplankton prey, which may not require the fastest development achievable, or releasing 

larvae in areas thar are more conducive to their successful dispersal and settlement 

(Goldstein and Watson 2015). These movements can also differ markedly between 

individuals of a same population. For example, in the mid Gulf of Maine, larger females 

were found to move considerable distances (>100 km) offshore during fall and winter, 

and then to stay offshore during spring and summer, while smaller females stayed inshore 

over the same time period (Cowan et al. 2007). As a result of these different movement 

patterns, larger females experienced a more stable temperature regime than smaller 

ovigerous females, but they both experienced a similar number of degree-days. The 

reason for these different movement patterns by different size females is not clear, but it 

could be that the energetic cost of these long-range migrations is prohibitively costly, 

from an energetic standpoint, for the smaller females.  

 

 

1.4.4 Hatch time in American lobsters: approaches to estimate 

Three principal approaches have been used to estimate the time-of-hatch of 

American lobster in nature (Harding & Trites 1988, Templeman 1940, Fogarty 1983, 

Miller et al. 2016, Haarr et al. 2020, Miller 2020), which vary in their underlying 
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assumptions, logistics, and potentially in their predictive ability. The first of these 

approaches involves the direct observation of ovigerous females with clutches comprising 

hatching embryos (prezoea), which can in some contexts be done easily and 

economically by observers aboard fishermen vessels (American Lobster Benchmark 

Stock Assessment Report 2020, Haarr 2020, DMR Lobster Sea Sampling Program). This 

is true in the US, where harvesting of lobsters occurs year-round, even if not constantly at 

the same intensity. However, this approach is not applicable in Canada, where lobster 

fisheries are typically closed during summer months, when hatch is occurring, to avoid 

the capture of soft-shelled lobsters and ovigerous females (Miller 1995). In particular, the 

lobster hatch period (June to September) occurs mostly after the end of the fishing season 

(closing June-July) in most regions (LFAs 3-14, 18-24, 26-32, and 35-38), and 

completely outside the fishing season in some regions (LFAs 33 and 34). There is in fact 

no LFA in Canada where lobster harvesting occurs over the entire hatch period. 

The second approach that has been used to estimate the hatch date of American 

lobster in nature is plankton tows. Time of hatch can be quantified by sampling stage I 

larvae in the water column (Scarratt 1964, Annis et al. 2007), but this method is 

logistically difficult and expensive to utilize simultaneously in many different areas. 

Although plankton sampling can be conducted in association with fishermen, contracting 

many fishermen to conduct plankton tows outside of their normal fishing activities would 

be expensive; even if some fishermen could be identified that are on the water harvesting 

other species when lobster hatch is occurring, plankton tows would not be compatible 

with their fishing activities. 
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The third approach that has been used to estimate hatch date in American lobsters 

involves the sampling of embryos from ovigerous females in spring prior to hatch, which 

can be readily done with fishermen in the vast majority (39/41) of LFAs in Canada, and 

then using temperature-based development functions, temperature data, and estimates of 

embryo development status at hatch to predict hatch date. Herrick (1895) first noticed 

that the size of the dark pigmented area of the lobster eye provides a convenient way to 

assess embryo development status. Using this feature, Perkins (1972) proposed a 

quantitative way to monitor the development of American lobster embryos, which is 

based on the average of the maximum length and maximum width of the embryo’s dark 

pigmented eye, a measure that has come to be known as the “Perkins eye index” 

(hereafter PEI). Perkins (1972) also developed a linear function that relates water 

temperature to changes in the embryo PEI, based on American lobster embryos from 

New England that were raised in the lab at seasonal temperatures (6.9-24.6°C). Forty 

years later, Gendron and Ouellet (2009) used a similar approach to create a predictive 

development function using lobster embryos from the Magdalen Islands, Quebec, but 

they proposed a power (not linear) relation between temperature and the development 

rate of these embryos. These two functions have been only tested on embryos from a few 

locations, and the Bay of Fundy is not one of these. In a recent study, Miller et al. (2016) 

tested these two functions in an effort to predict lobster time of hatch in nature and found 

that the linear function outperformed the power function for embryos sampled in 2012 

from Chéticamp, Nova Scotia, in the southern Gulf of St. Lawrence. More recently, 

Miller (2020) also tested these two functions and found that the power function was 

better at predicting time of hatch of embryos sampled from Bonaventure, Quebec. It is 
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not clear whether this inconsistency in outcomes is a result of local adaptation of embryos 

to different temperature regimes, or simply reflects inter-annual variability in embryo 

development. However, these findings do suggest that hatch predictions could potentially 

be improved by using estimates of embryo development rate obtained using embryos 

from the location and year where/when hatch is to be predicted.  

As indicated above, the PEI approach to estimating hatch date requires an 

estimate of embryo development status at hatch, based on PEI. Studies have provided 

evidence that PEI-at-hatch varies among regions (e.g., 560 μm in southeastern New 

England [Perkins 1972]; 570 ± 20 (SD) μm in Massachusetts [Helluy and Beltz 1991]; 

550 μm in Magdalen Islands, QC [Gendron & Ouellet 2009]; 520 μm in Chéticamp, NS 

[Miller et al. 2016]), and also amongst females from a similar region (e.g., 570 - 586 μm 

in Massachusetts, Gulf of Maine [Helluy & Beltz 1991]; 460 – 611 μm in Chéticamp, 

Gulf of St. Lawrance [Miller et al. 2016]). A recent study (Haarr 2018) that quantified 

variability in PEI-at-hatch among 22 locations in eastern Canada found that the variation 

was divided relatively evenly among geographical locations, females and embryos of a 

same brood. High variability in PEI at hatch suggests that considering this variability may 

improve hatch predictions. A recent study (Miller et al. 2016) found that the prediction of 

time of hatch was improved by as much as 24% when variation in PEI-at-hatch among 

females of a same location was accounted for. However, no study has investigated how 

such predictions are affected by variability in PEI-at-hatch among embryos of a same 

female.  

One limitation of the PEI approach to predicting hatch date is that the 

development functions upon which the approach relies have been derived from mean 



 

16 

 

estimates of embryo development rate and development status at hatch, based on a group 

of embryos belonging to a same brood. For example, previous studies have assessed 

lobster embryonic development rate based on weekly subsampling of 5-10 embryos of a 

same brood (Perkins 1972, Gendron & Ouellet 2009, Miller et al. 2016, Miller 2020), and 

embryo development status at hatch based on the mean PEI-at-hatch of a group of 

prezoea (Perkins 1972, Gendron and Ouellet 2009). This averaging of development 

estimates will result in underestimating the breadth of a female’s hatch period. It is 

unclear the extent to which development rate varies among embryos of a same clutch, but 

we do know that PEI at hatch does so considerably (see above). The impact of the 

averaging approach on hatch predictions is unclear.  

To improve our ability to estimate the timing and full progression of hatch in 

nature, it may prove important to account for the variability of development rate and of 

PEI-at-hatch among embryos belonging to a same brood, which can only be achieved by 

tracking the development and hatch of individual embryos. The ability to raise lobsters 

embryos separated from a female’s brood would also open the door to a whole range of 

studies to increase our understanding of their development and hatch, including 

simultaneously quantifying temperature-based development functions of embryos from 

many geographic locations. Although females are thought to help oxygenate embryos 

during their incubation period by abdominal flapping and pleopod beating (Fleischer et 

al. 1992, Förster and Baeza 2001, Baeza and Fernández 2002), there is no vascular or 

nervous connection between them and embryos, suggesting it may be possible to raise 

these embryos physically isolated from a female’s brood to study their development and 

hatch. Embryos of several crustacean species have indeed been successfully cultured in 
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vitro (e.g., Carcinus maenas, Hartnoll and Paul 1982, Rosell 1986; Nephrops norvegicus, 

Rosell 1986, Macrobrachium rosenbergii, Damrongphol et al. 1990, Caceci et al. 1996, 

Porntrait and Damrongphol 2008; Chasmagnathus granulata and Cyrtograpsus 

angulatus, Bas and Spivak 2000; Scylla paramamosain, Zeng 2007; Palaemonetes 

argentinus, Ituarte 2008, Giovagnoli et al. 2014), including a species closely related to H. 

americanus, H. gammarus (Rosell 1986). However, to my knowledge no study has 

attempted to raise H. americanus embryos in vitro. Furthermore, no study has attempted 

to raise embryos (of any crustacean species) individually isolated from one another, 

which would help researchers better understand processes occurring at the embryo level, 

by allowing repeated measurements of the same individual over time. 

 

 

1.5 Objectives 

There were three overarching goals in this study: (1) determine whether American 

lobster embryos raised individually and detached from a female’s brood can be used to 

study and simulate the development and hatch of embryos attached to a female’s brood, 

(2) explore female- and embryo-related factors responsible for variability in hatch date 

among females, and among embryos of a same brood, and (3) determine whether 

published functions of lobster embryo development rate and development status at hatch 

provide accurate estimates of development and hatch of embryos from the Bay of Fundy. 

These goals were addressed in a laboratory experiment in which embryos attached to and 

detached from the brood of 12 females were raised in two temperature treatments 
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(constant and ambient) from May 2017 until their hatch in July 2017. I addressed the first 

goal by comparing the development rate, development status at hatch, and hatching time 

of embryos attached to, and isolated from, female lobsters in each of the two temperature 

treatments. I addressed the second goal by relating female size, initial embryo PEI, 

embryo development rate, and embryo development status at hatch to the hatch date of 

embryos attached to, and isolated from, female lobsters. I addressed the third goal by 

comparing the development rate and hatch date of embryos in my study to values 

predicted by the two published functions of American lobster embryo development rate 

and published values of embryo development status at hatch. 

 

 

2 Materials and Methods 

2.1 Material preparation 

 On November 2nd, 2016, 19 ovigerous female American lobsters with carapace 

lengths (CL) ranging from 92-149 mm were collected during bottom trawling surveys 

conducted by the Department of Fisheries and Oceans (DFO) (Coastal Biodiversity Trawl 

of the Passamaquoddy Bay) near Mascarene, Passamaquoddy Bay, Bay of Fundy. These 

females were then held for approximately six months (November 2016-May 2017), prior 

to experimentation, at water temperature ca. 3-6°C in a large flow-through tank at the St. 

Andrews Biological Station in St. Andrews, New Brunswick. They were fed with frozen 

green crabs (Carcinus maenas) every two weeks during this period.  
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2.2 Laboratory set-up 

Experiments ran from May 1 to August 19, 2017. Twelve of the 19 females were 

used in the experiment, i.e., the 12 females (carapace length ranged from 92.1-148.5 mm, 

mean = 111.2mm) that possessed embryos at a more similar stage of development, as 

assessed from their eye size (432-481μm, based on the average of 10 embryos per 

female). The 12 females were haphazardly divided into two groups of six, and then 

placed into individual containers supplied by one of two header tanks, each with a 

different temperature regime: constant temperature of 8°C (hereafter “constant 

temperature” treatment), and ambient temperature that varied between 5-14°C over the 

course of the experiment (hereafter “ambient temperature” treatment) (Fig. 1). Each 

female was kept in a separate fish tote (56×38×30 cm), with gravel substrate on the 

bottom. Half of each tote was covered, to create a shaded area for each lobster. For the 

ambient temperature treatment, water was piped into the header tank directly from the 

bay with no temperature manipulation. Constant temperature was controlled by heating or 

cooling the water entering the header tank, which then supplied water to the six holding 

tanks. Historical data suggested that wild lobsters from the Bay of Fundy would annually 

encounter water temperatures ranging from 3-14°C (Factor 1995), with a recent study in 

the region (Dinning, unpublished data, ca. 8-12 m in Maces Bay, 2016) finding an 

average temperature from May to August of approximately 8°C, which is what was 

chosen for the constant temperature treatment of this experiment. Hobo temperature 

loggers (Tidbit®TUTBI-001) were put in each tote to record the temperature throughout 

the experiment (Fig.1), from May 1st – August 19th, 2017. 
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Figure 1. Profiles of average daily water temperature experienced by lobsters throughout 
the experiment (May 1 (DOY = 121) – August 19, 2017 (DOY = 231)) at both ambient 
temperature (circles) and a target constant temperature (triangles) of 8°C. Daily 
temperature was the average of temperature records at 30 min interval. Each point is the 
average daily temperature monitored in the six lobster totes at constant temperature (95% 
CI = 0.03°C) and the six totes at variable ambient temperature (95% CI = 0.06°C). There 
was approximately one-week difference between the start date of trials at constant and 
ambient temperature, due to processing time needed to measure embryos of six females of a 
given temperature. 

 

The totes holding individual females were integrated in a recirculating water 

system to which fresh sea water was added continuously. Each tote (45 L) received 

flowing seawater at a rate of ca. 3 L· min-1, which was channeled to a PVC “inflow pipe” 

(internal diameter = 1.5 cm) glued on the bottom of the tote; the inflow pipe had “small 

slits” to diffuse the inflow water (Fig. 2). A “plastic panel” (see below) was secured on 

the side of the tote to keep the embryo dishes submerged in water (Fig. 2). Newly hatched 
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larvae were caught by a fine mesh (100 mm) bag attached to an outflow pipe of each tote, 

and then preserved in 95% ethanol. 

 

 

Figure 2. Female lobster and embryos housing set up. One tote (45 L) holds one female 
lobster (free ranging) and one dish of 24 embryos submerged in water under the plastic 
panel. Water comes from the header tank through the inflow hole and is then diffused into 
the tote by the small slits in the inflow pipe.  

 

The lobster totes were slightly elevated on the inflow side to force the water to 

exit via the top of the tote on the side opposite to that where it entered (on the bottom), 

thereby increasing flow through the dishes that held the embryos (see below). All 

parameters other than temperature were left at ambient levels (at beginning of the 

experiment pH = 8, salinity = 31.4 ppt, and dissolved oxygen = 87%) and not monitored 
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further, given the relatively high turnover rate of tote water (ca. 15 min). An ambient 

dark:light (10 hrs : 14 hrs) cycle with dimmed fluorescent light bulbs was used to 

simulate natural conditions. During the experiment, the lobsters were fed every 3-4 days 

with frozen green crabs (Carcinus maenas) until their embryos started hatching, at which  

point they were switched to shrimp (Pandalus borealis), to reduce prey debris in the 

totes.  

Individual embryos were kept in plastic dishes (12.5×8.5×2 cm) attached to the 

“plastic panel” in the tote (Fig. 2). Each tote had one dish, and each dish contained 24 

separate wells (2 cm diameter and 2 cm depth) (Fig 3) that each housed one embryo from 

the female in that tote. The side wall of each well was left intact, but the top and bottom 

of the dish were replaced by mesh (500 microns), which allowed water circulation over 

the embryos’, for gas exchange. A preliminary experiment based on the dissolution rate 

of “Tictacs®” showed the mesh cover promoted water flow through the experimental 

dishes; in a ten-minute interval, “Tictacs®” in mesh covered dishes were dissolved on 

average by 63% (range = 48-94%), compared to 47% (range = 42-56%) for those in a 

non-modified dish with a plastic cover (t-test, t = 24.3, df = 26.4, p < 0.001). The 

preliminary experiment also showed there was no significant difference in water flow 

among the 24 wells of a same dish (Kruskal-Wallis test, c2 = 31.59, df = 23, p = 0.11, N 

= 36 dishes).  
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Figure 3. Plastic dish (12.5×8.5×2 cm) with 24 wells (2 cm diameter and 2 cm depth) used to 
house individual embryos. The top and bottom of the plastic dish were replaced with mesh 
(500 µm) to allow water flow.  

 

 

 

2.3 Hatch dates of attached and detached embryos 

2.3.1 Hatch dates of embryos detached from a female’s brood 

Time of hatch of detached embryos refers to the appearance of the prezoeal stage, 

which is a short 24-48 hour “transition stage” after the outer egg membrane has ruptured, 

but before the embryo has molted into the first larval stage, which swims away from the 

clutch (Aiken 1980, this study). In order to monitor the presence of “detached prezoea” I 
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started with biweekly (i.e., once every two weeks) checks of all trays in which detached 

embryos were held, and then moved to daily weekday checks when the first larvae were 

observed in the collection bag of one of the 12 females’ tote; I was unable to access the 

federal lab facilities during weekends and holidays. I caught the actual hatch day (i.e., 

less than 1 day error) of 52% of the 288 detached embryos, while 9% of these hatched 

before my daily checks were started, 37% hatched during holidays and weekends after 

my daily checks had started (but when I did not have access to the lab), and 2% deceased 

before hatching. For embryos that hatched before my daily checks or during holidays and 

weekends (46%), I assigned the hatch date as the midpoint between the last observation 

before hatch and the first observation when the embryo had molted into a larva; the 

uncertainty associated with these estimates is 4-6 days for embryos that hatched before 

my daily checks had started and 0.5-2 days for those that hatched during holidays and 

weekends. Whereas all these embryos and estimates were used to compare the hatch date 

of detached and attached embryos, embryos that hatched before my daily checks had 

started were excluded from estimates of embryo development rate and development 

status at hatch, given that I was unable to measure the size of their eye as prezoea and 

before they molted into stage I larvae.  

 

 

2.3.2 Hatch dates of embryos attached to a female’s brood 

The hatch of embryos attached to each female was monitored by sampling stage I 

larvae every weekday. For each female, I pooled all the larvae hatched during the days I 

did not have access to the lab (i.e., weekends and holidays), and divided these by the 
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number of days involved, to obtain an average daily hatch number estimate for these 

days. I missed the beginning of hatch of one female, but only ca. 6% of the total number 

of her hatched larvae (estimated based on assumption that the distribution of hatch date 

was normal). This female was included in my analyses, given the small amount of 

missing data and the limited impact these would have on its estimate of hatch date.  

I used the median hatch date of embryos from a same brood as the main metric of 

hatch for each female. For detached embryos, this was the day on which 50% of a 

female’s embryos were estimated to have become prezoea. For attached embryos, this 

was the day on which 50% of a female’s embryos were estimated to have become stage I 

larvae, and then subtracting 1.5 days from this number to account for the 1-2 days it takes 

the prezoea to become a stage I larva (Aiken 1980, personal observation). 

 

 

2.4 Assessing embryo development  

2.4.1 Embryo development status (PEI) 

I used the Perkins eye index (hereafter PEI) as an index of the development status 

of my lobster embryos, which is measured as the mean of the greatest width and the 

greatest length of the embryo’s pigmented eye. The PEI was proposed as an index of 

American lobster embryo development status by Perkins (1972), based on its predictable 

rate of change at different temperatures. It has now been used to assess embryo 

development in many other species of crustaceans (H. gammarus: Branford 1978, 

Charmantier and Mounet-Guillaume 1992; Chionoecetes opilio: Moriyasu and Lanteigne 
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1998; Jasus edwardsii: Tong et al. 2000; Macrobrachium olfersi: Müller et al. 2003; 

Sagmariasus verreauxi: Moss et al. 2004; Astacus leptodactylus: Khodabandeh et al. 

2005; Paralithodes platypus: Stevens 2006; Macrobrachium acanthurus: Müller et al. 

2007; Panulirus ornatus: Sachlikidis et al. 2010, Alpheus angulosus: Tracey et al. 2013; 

Macrobrachium mammillodactylus: Lourdes and Cuvin-Aralar 2014; Macrobrachium 

gangeticum: Mishra and Dash 2019). I calculated PEI from each embryo’s right eye; a 

recent study found no consistent difference in PEI between the left and right eyes of a 

same lobster embryo (E. Miller, unpublished data).  

Images of the embryos’ right eye were taken under a microscope (Leica M80, 

built-in camera Leica IC80 HD, with Leica Application Suite software) at 4× 

magnification, using light from below to reduce glare around the pigmented eye. 

Individual embryos were placed on a mesh screen (500µm), to facilitate manipulating 

them, and they were positioned in a polar view to capture the maximum area of their 

pigmented eye (Fig. 4a). The embryos were manipulated using a dull teaser needle to 

avoid damaging them, and an image of the eye was taken when it was felt that the 

embryo had been secured in a position that captured the full extent of the pigmented part 

of the eye. Images of embryo eyes were then analyzed using ImageJ software (Schindelin 

et al. 2012) after calibration with a stage micrometer (Bausch & Lomb). Measurements 

were made by first outlining the pigmented portion of the eye using a digital drawing pen 

and pad (Wacom Cintiq 13HD DTH-1300), and then PEI was estimated as the average of 

the maximum length and the maximum perpendicular width of the pigmented portion of 

the eye (Fig. 4b). The maximum length and width were calculated as the maximum and 

minimum Feret’s diameters with ImageJ software, which are defined as the greatest and 
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shortest distances, respectively, between any two parallel tangents on the boundary of a 

particle (Olson 2011, Ferreira 2012). 

 

 

Figure 4. a) Polar view of a lobster embryo, which shows the maximum area of the 
pigmented part of its eye (black oval). Images were taken with a built-in Leica IC80 HD 
camera attached to a Leica M80 dissecting scope, with Leica Application Suite software at 
4× magnification and light from below. The resolution of images was 300 DPI. b) Close-up 
showing the PEI measurement as the average of the maximum length and the perpendicular 
maximum width of the pigmented area of the eye.  

 

Tests were done to estimate the error associated with my PEI measurements, 

including the contribution of two procedural steps to these errors: 1) positioning of the 

embryo under the microscope, and 2) tracing the outline of the embryo eye. Two persons 

took images of embryo during this experiment, to help manage workload, and all images 

were traced by myself. A preliminary experiment was first conducted with 20 embryos to 

confirm that there was no bias between the two observers (Paired t-test, 𝑡!" = 0.95, 𝑝 =

0.35).  
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To quantify the two sources of PEI measurement errors, five embryos were 

haphazardly selected and imaged 10 times by the same person. The 10 images of a same 

embryo were taken sequentially, but embryos were removed and repositioned under the 

microscope each time, to capture the error that is associated with the “positioning 

process”. Each image was then traced once by a same person. The Coefficient of 

Variation (CV) of the 10 measurements made for each of the five embryos was 

determined as the ratio of the standard deviation of these 10 measurements and their 

mean. The average CV of the five embryos was 2.4% (range = 1.7-3.0%), which is a 

combination of the error associated with positioning of the embryo for image taking and 

tracing the contour of the pigmented eye. To estimate the importance of image taking 

versus tracing to total measurement error, five of the previously mentioned images were 

haphazardly selected and traced 10 times each. The average CV of these 10 images was 

1.3% (range = 0.9-1.7%), indicating that approximately 46% of the total PEI 

measurement error (2.4%) is due to positioning and 54% to tracing.  

 

2.4.2 Embryo development rate (DR) 

Embryo development rate (DR) was estimated based on samples obtained 

between May 1st and May 12th in 2017, and samples obtained at hatch (i.e., prezoeal 

stage, see section “Embryonic development status at hatch (DSH)”) between June 19th 

and August 10th. I calculated development rate as the change in embryo/prezoea PEI 

between the first and last sample, divided by the number of days between these two 
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samples, as shown in [1], and refer to this as the “local development rate” (or Local DR), 

i.e., the development rate of embryos sampled locally from the southwest Bay of Fundy. 

𝑙𝑜𝑐𝑎𝑙	𝑑𝑒𝑣𝑒𝑙𝑜𝑝𝑚𝑒𝑛𝑡	𝑟𝑎𝑡𝑒	(µ𝑚/𝑑𝑎𝑦) = 	
𝑓𝑖𝑛𝑎𝑙	𝑃𝐸𝐼(µ𝑚) − 𝑖𝑛𝑖𝑡𝑖𝑎𝑙	𝑃𝐸𝐼(µ𝑚)

𝑡𝑖𝑚𝑒	𝑖𝑛𝑡𝑒𝑟𝑣𝑎𝑙	(𝑑𝑎𝑦𝑠) 												[1] 

The DR of embryos attached to the females (hereafter “attached-embryo DR”) 

was estimated based on the average of 24 haphazardly selected embryos (from several 

clumps) at each sampling period, and hence resulted in a single attached-embryo DR 

value for each female; a pilot study based on three embryos randomly sampled from 12 

different locations on the brood (Fig. 5) of eight females indicated no significant 

difference in eye size of embryos among sampling locations (nested ANOVA: embryos 

nested in females with location as the main factor; 𝐹!!,$$% = 1.24, 𝑝 = 0.26).  

The DR of embryos detached from the females (hereafter “detached-embryo DR”) 

was estimated based on the DR of individual embryos, and hence resulted in multiple 

detached-embryo DR values for each female. The detached-embryo DR of a female was 

expressed as a mean ± SD of the n estimates of embryo DR made for that female. 
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Figure 5. Picture of an ovigerous female lobster’s brood showing the six different 
anteroposterior positions from which embryos were sampled to determine whether embryo 
development status differs among locations of a brood, where A&B represent the most 
anterior/first pleopods (the second was used when the first was too bare), C&D represent 
the central/middle pleopods (3rd abdominal segment), and E&F represent the most 
posterior/last pleopods (5th abdominal segment). For each pair of positions, one sample was 
taken on the periphery (right side) of the brood (A, C, E) and the other was taken near the 
center of the brood (B, D, F). For each position I sampled deep in the mass (i.e., close to the 
female’s abdomen) and at the surface of the mass, for a total of 12 sample locations (three 
embryos at each location) for each of eight females.  
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2.4.3 Embryonic development status at hatch (DSH) 

I used the prezoea as the end point of embryonic development, which is the stage 

of newly hatched embryos that lasts 24-48 hours, before the prezoea molts into a stage I 

larva (see section 2.3.1). Other studies have similarly used the PEI of the prezoea as the 

indicator of development status at hatch (hereafter DSH) (Aiken 1980, Helluy and Beltz 

1991). 

For the detached embryos, the prezoea were captured during daily checks of the 

individually housed embryos, and their PEI (i.e., DSH) values were obtained using the 

same method as outlined for the embryos. Of the 12 females’ 288 detached embryos, I 

captured a total of 149 prezoea (	𝑁&'()*+/-&'./& = 3 − 23	); the other 139 embryos 

hatched and molted into stage I larvae between my observations and were not included in 

analyses of DSH, as I found eye size of same individuals to differ somewhat between the 

prezoeal and larval I stages (based on a sub-sample of individuals I was able to measure 

at both stages).  

For the attached embryos, I similarly intended to measure the DSH of 24 prezoea 

per female. However, my sample size ended up being considerably smaller than this, 

because I had to preserve some of these prezoea to manage the work (too many to 

measure at the same time) and later discovered that this preservation impacted PEI. I 

ended up with DSH values for 161 attached prezoea (Nambient = 71, Nconstant = 90) that 

were measured fresh (not preserved), which belonged to seven females (3 at ambient and 

4 at constant temperature), each with 20-24 prezoea. Therefore, comparisons of DR and 

DSH between detached and attached embryos were based on embryos from these seven 

females only.  
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2.5 Data analyses 

 All statistical analyses were performed using R (version 3.6.1), and p≤0.05 was 

considered statistically significant. 

 

2.5.1 Relation between hatch date and female CL, embryo initial PEI, embryo DR, 

and embryo DSH 

 I first used coefficients of variation (CV = SD/Mean) to estimate variability in 

embryo initial PEI, DR and DSH, both within and among broods. Within broods, the CV 

for each metric was estimated for each female separately as the standard deviation (SD) 

in that metric among embryos in the brood divided by the mean metric estimate for that 

brood. Among broods, CV was calculated as the SD of the mean values estimated among 

embryos of each of the 6 females in a same temperature treatment, divided by the mean 

of these six values. 

 I used ANCOVA models with temperature as a categorical variable to explain 

inter-female variability in median hatch date in relation to four continuous-scale variables 

(i.e., covariates): 1) female size, measured as carapace length (CL); 2) mean embryo PEI 

at the beginning of the experiment (May 1st- May 12th), which represents how advanced 

was the embryos’ development of different females in early spring; 3) mean development 

rate (DR), which describes how fast the embryos of different females developed until 

hatch; and 4) mean development status at hatch (DSH), which represents the 

development status of different females’ embryos at hatch. I did these analyses for 

detached and attached embryos separately; the former are based on the 12 study females, 
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but the latter are only based on 7 females (4 and 3 at constant and variable temperature, 

respectively), due to logistics difficulties explained earlier (see section 2.4.3). 

I used linear regression to explain intra-female variability in the hatch date of 

detached embryos from a same brood in relation to their initial PEI, DR and DSH. I ran 

these linear regressions separately for individual females.  

 

2.5.2 Comparing attached and detached embryos: DR, DSH, and hatch date 

I used two approaches to compare the DR, DSH, and hatch date of the embryos 

attached to and detached from a same female’s brood, both based on mean values 

(median for hatch date) of embryos belonging to a same female, and both including 

females from the two temperature treatments. For each of these three variables, I first 

used a paired t-test to determine if there was a systematic bias between mean values 

obtained for embryos attached to and detached from a same female’s brood. Then I used 

a regression to test if there was a significant relationship between mean values estimated 

for embryos attached to and detached from a same female’s brood, and I followed 

significant relations with null hypotheses tests of slope = 1 and intercept = 0. 

 

2.5.3 Comparing Local DR and DSH (detached embryos) to literature values 

I used paired t-tests to compare the development rate estimated for each of my 

detached embryos (i.e., Local DR) to rates predicted by the two published temperature-

dependent functions of American lobster embryo development, a linear function 

proposed by Perkins in 1972 (hereafter linear DR) 	
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𝑦 = −8.3151 + 2.6019	(𝑥)										[2] 

where 𝑥 is the temperature in °𝐶, and y is PEI increment per week, in micrometers, and a 

power function proposed by Gendron and Ouellet in 2009 (hereafter power DR)  

𝑃𝐸𝐼𝑅 = 0.02	 ×	𝑡$.$1%%2													[3] 

where	𝑡 is water temperature in °𝐶, and PEIR is PEI increment per day, in millimeters. 

The development of each embryo was modeled on a daily basis, using the average 

temperature recorded over that day. Since I have very unbalanced sample size for the 12 

females (Nembryo = 3-24 per female), these tests were done both considering the embryo or 

the female (mean values for all its embryos) as the unit of replication. These tests were 

done separately for embryos and females in the two temperature treatments.  

I also used paired t-tests to compare my “local estimate” of embryo development 

status at hatch (i.e., Local DSH) to mean prezoea PEI values published by Gendron-

Ouellet (DSH = 550 µm) or Perkins (DSH = 560 µm), again using female or embryo as 

the unit of replication, and again separately for the two temperature treatments.  

 

2.5.4 Using detached embryos to predict hatch (attached embryos) 

To assess the potential of using detached embryos to predict hatch, I built models 

based on different combinations of DR and DSH estimates of my 288 detached embryos, 

and I compared the predictions these made to the observed hatch of attached embryos. 

Each model had three components: i) initial PEI, which is the development status at 

beginning of the study, ii) DR, which describes how fast the embryo develops, and iii) 

DSH, which serves as an end point of development. In theory, if we know i) how “big” 
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an embryo is at a particular point in spring before hatch, ii) how fast an embryo “grows”, 

and iii) at what “size” it hatches, we will be able to predict when it will hatch using the 

following formula [4] 

ℎ𝑎𝑡𝑐ℎ	𝑑𝑎𝑡𝑒 =
𝐷𝑆𝐻 − 𝑖𝑛𝑖𝑡𝑖𝑎𝑙	𝑃𝐸𝐼

𝐷𝑅 + 𝑖𝑛𝑖𝑡𝑖𝑎𝑙	𝑑𝑎𝑡𝑒																	[4] 

where hatch date is in Day of the Year (or DOY) and PEI is in micrometers (or μm). 

 

2.5.4.1 Female versus population-level local estimates of DR and DSH  

To assess the importance of inter-female variability in embryo DR and DSH to 

hatch predictions, I compared the accuracy of hatch predictions made for individual 

females by models based on female-level estimates of embryo DR and DSH (i.e., mean 

estimate from embryos belonging to a particular female), to that of models based on 

“population level” estimates of DR and DSH (i.e., mean values for embryos belonging to 

a same female averaged among females). For each “estimate level”, the correspondence 

between observed and predicted values was assessed using two approaches, as was done 

for the comparison of hatch date, DR and DSH of attached and detached embryos. First, I 

used a paired t-test to determine if there was a systematic bias between the observed and 

predicted median hatch date of each female. Second, I used a regression to test if there 

was a significant relationship between the observed and predicted median hatch dates of 

different females, and I followed significant relations with null hypotheses tests of slope 

= 1 and intercept = 0. Predictions and observations made in the two temperature 

treatments were analyzed together to increase the power of these tests. 
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2.5.4.2 Local, Gendron-Ouellet and Perkins estimates of DR and DSH  

I compared the accuracy of hatch predictions made for my attached embryos 

based on my 288 detached embryos and different combinations of values of DR (n=3) 

and DSH (n=3), for a total of nine models. The three estimates of DR were: (1) Local 

Population, which was the mean DR of the six females in a same temperature treatment; 

(2) Gendron-Ouellet (GO) DR, which was estimated daily based on the temperature-

dependent power function of embryo DR from Gendron and Ouellet (2009), coupled with 

data on daily temperature embryos experienced in this study; (3) Perkins (P) DR, which 

was estimated daily based on the temperature-dependent linear function of embryo DR 

from Perkins (1972), coupled with data on daily temperature embryos experienced in this 

study. The three estimates of DSH were: (1) Local Population, which was the mean DSH 

of the six females in a same temperature treatment; (2) Gendron-Ouellet (GO) DSH, 

which is a value = 550 µm from Gendron and Ouellet (2009); (3) Perkins (P) DSH, which 

is a value = 560 µm from Perkins (1972). For the local estimates of DR and DSH, I used 

mean values of the six females, and not estimates made for individual females, given that 

we have very limited understanding of the causes of inter-female variability in these 

embryo characteristics (see Discussion) and are thus unable to “assign” this variability to 

a sample population in a manner that we know would improve our estimate of the hatch 

period and the progression of hatch over this period. For models that were based on Local 

Population DR, a same DR [4] was applied every day, from the beginning of the 

experiment until the assigned DSH value was reached. For models that were based on the 

DR derived from Perkins [2] or Gendron-Ouellet [3], daily DR values were estimated 

based on mean temperature of the day.  
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To compare the performance of my nine models applied to the initial PEI of my 

288 detached embryos, I estimated each model’s prediction error as the difference 

between the predicted and observed median hatch date of each of my 12 females. I 

statistically tested the bias of these nine models based on the 95% CI around the mean 

prediction error; a model was judged to be significantly biased if the 95% CI did not 

overlap with 0. The performance of the nine models was assessed separately for females 

at constant and ambient water temperature.  
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3 Results 

3.1 Variability in time of hatch 

 The hatch of attached embryos of the 12 studied females lasted a total of 53 days, 

starting on June 19th and ending on August 10th, 2017. A total of 85,399 and 94,875 

larvae hatched at constant and ambient temperature, respectively. The median hatch date 

varied from June 22nd to July 30th and June 23rd to July 10th for the six females at constant 

and ambient temperature, respectively (Fig. 6). The relatively protracted hatch date of 

this small number of females (n = 6) in each temperature treatment was somewhat 

surprising, especially considering these females were selected on the basis of their 

embryos being at similar development stage in early spring; the CV (SD/Mean) of the 

mean PEI of embryos belonging to a same female was only 2% and 4% at constant and 

ambient temperature, respectively (Table. 1). The shape of the hatch distribution of each 

female was unimodal, with duration of hatch ranging from 8-21 days for different 

females (Fig. 6). 
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Figure 6. Proportion of attached embryos (colored bars, 9,634 to 37,629 per female) and 
detached embryos (black circles, 3-23 per female) from 12 female lobsters held at ambient 
(ca. 5°C - 14°C) (A-F) or constant (ca. 8°C) (G-L) temperature that hatched on different 
days of the year (DOY).  
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Table 1. Detached embryos. Summary statistics concerning the initial PEI (i.e., first PEI 
measurements in this study), development rate (DR) and development status at hatch (DSH) 
of embryos detached from 12 females and raised separated from these females; embryos 
from half of these females were raised at constant (ca. 8°C) and ambient (ca. 5°C - 14°C) 
temperature, respectively. “Among female” statistics show the mean, standard deviation 
(SD) and coefficient of variation (CV=SD/Mean) of the mean metric (initial PEI, DR, DSH) 
values estimated from each of the six females at each temperature.  “Within female” 
statistics show the range of the mean, range of the SD and range of CV of the different 
metrics estimated for the different embryos (n = 3-24) belonging to the six females at each 
temperature.  

 

 

 
The embryos detached from the 12 females started hatching on June 20th and 

ended on August 8th, 2017, with a median hatch date of embryos belonging to a same 

female varying from June 20th to July 31st, similar to what was observed for attached 

embryos (Fig. 6). Time of hatch of detached and attached embryos from a same female 
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overlapped to some extent, although for five of the 12 females the hatch of detached 

embryos occurred mostly (i.e., >50% of embryos) later than that of all attached embryos, 

and for three it occurred mostly before (Fig. 6). 

Different descriptive statistics concerning the embryos detached from the females, 

including their initial PEI (i.e., the first embryo measurement in this study), development 

rate (DR) and development status at hatch (DSH) (i.e., PEI of the prezoea) can be found 

in Table 1. Variability was considerably greater for embryo DR than for embryo initial 

PEI and DSH, both when considering embryos belonging to a same female or to different 

females, and both at constant and at ambient temperature (Table. 1). 

 

 

3.1.1 Factors related to variability in time of hatch among females 

There was some evidence that variability in median hatch date of attached and 

detached embryos belonging to different females was related to the development rate of 

these embryos, but not their development status at the beginning of the experiment, their 

development status at hatch, or female size (Table 2, Fig. 7).  

For detached embryos belonging to the 12 study females, there was evidence that 

hatch was differently affected by development rate (DR) in the two temperature 

treatments, as evidenced by a marginally non-significant interaction (𝐹!,2 = 4.60, 𝑝 =

0.06) (Table. 2, Fig. 7C&G) between these two variables, and post-hoc regressions 

indicated that median hatch date was significantly (and negatively) related to DR at 

constant temperature (𝐹!,3 = 188.2, 𝑝 < 0.01), but not at ambient temperature (𝐹!,3 =
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0.74, 𝑝 = 0.44) (Table 3). For the attached embryos, small sample size (4 and 3 females 

in each temperature treatment) precluded similar analyses, although these showed similar 

trends as detached embryos. Overall, the results provide evidence that females possessing 

embryos that developed faster hatched earlier in the spring (Table 3). 

Variability in median hatch date among the 12 study females was not related to 

the variability in development status of their embryos in early spring (i.e., initial PEI) 

(Fig. 7B&F). More specifically, there was no statistically significant relationship between 

mean initial PEI of a female’s embryos and hatch date of their attached (𝐹!,2 = 0.3, 𝑝 =

0.6) or detached (𝐹!,2 = 0.86, 𝑝 = 0.38) embryos, and the interaction between 

temperature and initial PEI was clearly non-significant in both cases (Table 2).  

I similarly found no evidence that variability in median hatch date among the 12 

study females was related to the development status of their embryos at hatch (DSH). For 

these females’ detached embryos, the mean DSH of embryos was not related to a 

female’s median hatch date (𝐹!,2 = 0.13, 𝑝 = 0.73), and the interaction between DSH 

and temperature treatment was clearly non-significant (p ≥ 0.34) (Fig. 7D&H, Table 2). 

For the attached embryos, small sample size (4 and 3 females in each temperature 

treatment) precluded similar analyses, although these showed no evidence of relation 

between DSH and hatch, similar to detached embryos. 

Finally, variability in median hatch date of the 12 study females was not related to 

their size (Fig. 7A&E). More specifically, there was no statistically significant 

relationship between the size of the female and the hatch date of their attached (𝐹!,2 =

0.47, 𝑝 = 0.51) or detached (𝐹!,2 = 0.61, 𝑝 = 0.45) embryos, and the interaction 
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between temperature treatment and female size was clearly non-significant in both cases 

(Table 2). 

 
Figure 7. Relationship between the median hatch date of attached (A-D) and detached (E-
H) embryos from 12 females held at constant (ca. 8°C, triangles) or ambient variable (ca. 
5°C - 14°C, circles) temperature, and female size (carapace length) (A&E), initial embryo 
PEI (B&F), embryo development rate (DR) (C&G), and embryo development status at 
hatch (DSH) (D&H). Initial PEI was based on the first PEI measurement in late spring 2017 
(May 1st – May 12th). DR was the difference between initial PEI and DSH, divided by the 
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time interval between these measurements. Initial PEI, DR and DSH are based on mean 
value from each female, with n=24 for attached and n=3-24 for detached embryos per 
female. DSH was based on the PEI measurement at hatch (i.e., prezoea) (June 17th – August 
10th, 2017). Results of ANCOVAs performed to determine if there is a relation between 
median hatch date and each covariate, with temperature treatment as a categorical 
variable, are presented in Table 2.  
Table 2. Summary of ANCOVAs carried out to determine the relationship between median 
hatch date of attached and detached embryos and four continuous-scale covariates (CL 
[carapace length], initial PEI, DR and DSH), using temperature treatment (constant or 
variable) as a categorical variable. NA indicates where statistical analyses were not 
performed due to small sample size.  

 
Note: ** indicates significant and marginally non-significant interaction terms, which were 
investigated using separate regressions for females in the two temperature treatments (see 
Table 3) 

 

Table 3. Summary of linear regressions run to elucidate the marginally non-significant 
interaction term between temperature treatment and embryo development rate, in 
attempting to explain variability in median hatch date of embryos detached from the 12 
study females (see Table 2). 
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3.1.2 Factors related to variability in time of hatch among embryos belonging to a 

same female  

There was evidence that variability in observed hatch date of detached embryos 

belonging to a same female was related to their DR, but not their initial PEI or final PEI 

(DSH) (Fig. 8), as was observed when comparing embryos belonging to different 

females.  

The DR of individual embryos detached from a same female’s brood tended to be 

negatively related to their hatch date, as was observed when comparing hatch among 

females. More specifically, nine of the 12 females showed a negative relationship 

between the DR and hatch date of their embryos (Fig. 8), and four of these were 

significant (p ≤ 0.02) and two were marginally non-significant (p = 0.07 and 0.08). These 

results suggest that embryos that developed faster in late spring hatched somewhat earlier 

in the summer than embryos that developed more slowly, as had been observed when 

comparing the mean behavior of embryos belonging to different females (Fig. 8). 

The relationship between initial PEI and hatch date of individual embryos 

detached from a same female’s brood was not significant (p = 0.05 – 0.95) for all 12 

females, as had been observed when comparing embryos from different broods 

suggesting no relation between these variables for embryos of a same brood. 

 
   Detached 

Variable Temperature 𝒅. 𝒇	 𝑭 𝒑 𝒂𝒅𝒋	𝑹𝟐 

DR 
Ambient 1,4	 0.74 0.44 <0.01 

Constant 1,4	 188.2 <0.001 0.97 
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The DSH of individual detached embryos seemed unrelated to their hatch date, as 

had been observed when comparing hatch among females. Seven of 12 females showed a 

negative relationship between DSH of their embryos and their and hatch date, and five 

showed a positive relationship, and only one of these was statistically significant (p = 

0.03) (Fig. 8). 

 

 

 



 

47 

 

 
Figure 8. Relationship between the median hatch date of embryos detached from 12 females 
(different letters), and their initial PEI, development rate (DR), and development status at 
hatch (DSH) at constant (ca. 8°C, 6 females) or ambient (ca. 5°C - 14°C, 6 females) 
temperature. Initial PEI was based on the first PEI measurement made in this study, in late 
spring 2017 (May 1st – May 12th). DSH was based on the PEI measurement at hatch (i.e., 
prezoea) (June 17th – August 10th, 2017). DR was the difference between initial PEI and 
DSH, divided by the time interval between these measurements. For each female, a linear 
regression was used to test the null hypothesis of no relationship between median hatch date 
of detached embryos and each of the three embryos development metrics (3-23 embryos per 
female). 
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3.2 Comparing attached and detached embryos: development rate (DR), 

development status at hatch (DSH), and hatch date 

Of the 288 embryos I raised separated from the brood of 12 females (24 per 

female), only 5 did not make it to hatch (>98% hatch rate). The 283 embryos that 

successfully hatched took on average 69 days (range = 56-89 days) from the time they 

were first measured in the lab to hatch. 

The development of embryos detached from a female’s brood was similar to that 

of embryos still attached to the female, although the correspondence between the two 

varied among endpoints. There was no significant difference between embryos attached 

and detached from a same female’s brood in terms of their mean DR (𝑡 = −1.89, 𝑑𝑓 =

6, 𝑝 = 0.11) or their mean DSH (𝑡 = −0.46, 𝑑𝑓 = 6, 𝑝 = 0.66) (Fig. 9). Furthermore, 

the DR of detached embryos was significantly related to that of attached embryos 

belonging to the same female (𝐹!,1 = 10.87, 𝑝 = 0.02), capturing 62% of the variability 

in the latter, and the slope of this relation was not significantly different from 1 (𝑡 =

0.41, 𝑑𝑓 = 6, 𝑝 = 0.7) and its intercept not significantly different from 0 (𝑡 =

−0.24, 𝑑𝑓 = 6, 𝑝 = 0.82) (Fig. 9A). Contrary to DR, the relation between DSH of 

detached and attached embryos belonging to different females was not significant (𝐹!,1 =

0.004, 𝑝 = 0.95), potentially due to the smaller sample size and less pronounced 

variability among females in this embryo trait (Fig. 9). More specifically, the among-

female variability in mean embryo DR was 26% [CV] (i.e., SD/mean), versus only 4% 

for DSH (Table 1). 
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There was, nevertheless, a significant difference between the median hatch date of 

embryos detached from a female’s brood and those still attached to the female (𝑡 =

2.5, 𝑑𝑓 = 11, 𝑝 = 0.03) (Fig. 9), with the former hatching somewhat later than the latter. 

However, this bias was relatively small, with detached embryos hatching on average 3.7 

days later than attached embryos from a same female. Furthermore, the median hatch 

date of detached embryos was significantly (𝐹!,!% = 41.3, 𝑝 < 0.01) and relatively 

strongly (R2 = 0.79) related to that of attached embryos belonging to the same female, 

and the slope of this relation was not significantly different from 1 (𝑡 = 0.25, 𝑑𝑓 =

10, 𝑝 = 0.81) and its intercept was not significantly different from 0 (𝑡 = −0.37, 𝑑𝑓 =

10, 𝑝 = 0.72) (Fig. 9).  
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Figure 9. Comparison of the a) mean (±95% CI) development rate (DR), b) mean (±95% 
CI) development status at hatch (DSH), and c) median (±95% CI) hatch date of embryos 
isolated from a female’s brood (i.e., detached; 3-23 per female) and embryos attached to the 
same females’ brood (i.e., attached; 24 per female); DR of attached embryos is based on 
mean values from embryos sampled on each of two occasions, hence the absence of error 
bars around these particular female-level estimates. Females A – F (circles) and G – L 
(triangles) were housed at ambient (ca. 5-14 °C) and constant (ca. 8°C) temperature, 
respectively. The stippled line represents the 1:1 line of perfect correspondence between 
values for detached and attached embryos, and the black solid line represents the line of 
best fit between these data. Paired t-tests were used to test if there was a significant 
difference, for each metric, between detached and attached embryos belonging to a same 
female. Linear regression was used to test the null hypothesis of no relationship between 
values for detached and attached embryos from a same female; where a significant relation 
was found between detached and attached embryos, I also tested the null hypotheses of 
slope =1 and intercept =0, to determine if the relationship differed significantly from 1:1.  
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3.3 Comparing detached embryos from the southwest Bay of Fundy to literature-

based estimates: development rate (DR), development status at hatch (DSH), and 

hatch date 

3.3.1 Local DR estimates compared to DR estimates based on literature functions 

The mean estimates of DR of embryos I raised detached from females at constant 

(2.364 µm/day) and ambient (2.320 µm/day) temperatures were very similar to those 

predicted by Gendron-Ouellet’s (constant temperature: 2.357 µm/day, ambient 

temperature: 2.344 µm/day) temperature-based power function of embryo development, 

and clearly greater than those predicted by Perkin’s (constant temperature: 1.906 µm/day; 

ambient temperature: 1.815 µm/day) linear function (Fig.10). More specifically, there 

was no significant difference between the “local estimates” of embryo DR I made for 

different females and those predicted by Gendron-Ouellet’s function in either temperature 

treatment, either when the analysis was based on the mean DR of embryos belonging to a 

same female (constant temperature:	𝑡 = 1.05, 𝑑𝑓 = 5, 𝑝 = 0.34; ambient temperature: 

𝑡 = 0.63, 𝑑𝑓 = 5, 𝑝 = 0.56), or when it was based on values of all embryos pooled (i.e., 

independent of female or origin) (constant temperature: 𝑡 = 0.51, 𝑑𝑓 = 84, 𝑝 = 0.61; 

ambient temperature: 𝑡 = −0.82, 𝑑𝑓 = 63, 𝑝 = 0.41). However, my local DR estimates 

were significantly greater than those predicted by Perkins’ function, both for mean 

female values (constant temperature: 𝑡 = 3.95, 𝑑𝑓 = 5, 𝑝 = 0.01; ambient temperature: 

𝑡 = 4.15, 𝑑𝑓 = 5, 𝑝 < 0.01), and for pooled embryos values (constant temperature: 𝑡 =

8.15, 𝑑𝑓 = 84, 𝑝 < 0.01; ambient temperature: 𝑡 = 7.34, 𝑑𝑓 = 63, 𝑝 < 0.01).  
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Figure 10. Mean (± 95% CI) development rate (DR, in µm/day) of embryos detached from 
12 females and raised separated from these females, compared to DR predicted by two 
published temperature-dependent functions of lobster embryo development (Gendron-
Ouellet (GO) and Perkins (P)). Embryos from half of these females were raised at constant 
(ca. 8°C, upper panels) and ambient (ca. 5°C - 14°C, lower panels) temperature, 
respectively. DR was based on the observed (Local) or predicted (GO and P) change in 
embryonic eye size between the first measurement in late spring (May 1st – May 12th, 2017) 
and the observed or predicted PEI on the observed hatch date (June 20th – August 8th, 
2017), and the time interval between these two dates. Results in left and right panels are 
based on the same data; left panels show means of means (six females per temperature 
treatment and 3-23 embryos per female), and the right panels show means for all embryos 
of a temperature treatment (83 embryos at constant and 65 at ambient temperature). Paired 
t-tests were used to test the null hypotheses that µ𝑳𝒐𝒄𝒂𝒍 =	µ𝑮𝒆𝒏𝒅𝒓𝒐𝒏+𝑶𝒖𝒆𝒍𝒍𝒆𝒕 and µ𝑳𝒐𝒄𝒂𝒍 =
	µ𝑷𝒆𝒓𝒌𝒊𝒏𝒔. *** for 𝒑 < 𝟎. 𝟎𝟎𝟏, ** for 𝒑 < 𝟎. 𝟎𝟏, * for 𝒑 < 𝟎. 𝟎𝟓, and NS for 𝒑 > 𝟎. 𝟓. 
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3.3.2 Local DSH compared to literature DSH values 

 The DSH (i.e., PEI-at-hatch) of individual embryos varied considerably, from 

537.8 to 675.7 µm overall, from 587.3 to 640.0 µm for mean values of different females, 

and by 27-111 µm among prezoea of a same female. The mean “local” DSH value of the 

316 prezoea (148 and 168 detached and attached embryos, respectively) I sampled in this 

study was 599.1 µm at constant and 620.1 µm at ambient temperature. This difference in 

mean DSH between temperature treatments was statistically significant (𝐹!,!% =

7.33, 𝑝 = 0.02), but that between attached (603.5 µm) and detached (600.3 µm) embryos 

was not (𝐹!,!% = 0.27, 𝑝 = 0.61), nor was the interaction between these two factors 

(𝐹!,!% = 3.83, 𝑝 = 0.08). 

The mean local DSH value estimated in my study is markedly larger than the 

mean DSH values documented by Gendron-Ouellet (2009) or Perkins (1972) (Fig. 11). 

More specifically, Gendron-Ouellet’s DSH of 550 µm was significantly smaller than my 

local DSH of prezoea, either when the analysis was based on the mean DR of embryos 

belonging to a same female (constant temperature: x̄ = 593.5µm, 𝑡 = 25.6, 𝑑𝑓 = 5, 𝑝 <

0.001; ambient temperature: x̄ = 613.7	µm, 𝑡 = 11.4, 𝑑𝑓 = 5, 𝑝 =< 0.001), or when it 

was based on values of all embryos pooled (i.e., independent of female or origin) 

(constant temperature: x̄ = 593.4	µm, 𝑡 = 13.0, 𝑑𝑓 = 84, 𝑝 < 0.001; ambient 

temperature: x̄ = 615.4	µm, 𝑡 = 23.6, 𝑑𝑓 = 63, 𝑝 < 0.001). Similarly, Perkins’ DSH of 

560 µm was significantly smaller than my local DSH for mean female prezoea values 

(constant temperature: 𝑡 = 19.7, 𝑑𝑓 = 5, 𝑝 < 0.001; ambient temperature: 𝑡 = 9.6, 𝑑𝑓 =

5, 𝑝 < 0.001), or of pooled prezoea (constant temperature 𝑡 = 10.0, 𝑑𝑓 = 84, 𝑝 < 0.001; 
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ambient temperature: 𝑡 = 20.0, 𝑑𝑓 = 63, 𝑝 < 0.001). Whereas the DSH varied 

considerably among the 316 individual prezoea measured in my study (see above), only 6 

(1.9%) and 13 (4.1%) of these were smaller than the DSH value reported in Gendron-

Ouellet (2009) and Perkins (1972), respectively. 

 

Figure 11. Mean (±95% CI) “development status at hatch” (DSH) of embryos detached 
from 12 females and raised separated from these females, compared to two published values 
(variability not reported) of DSH for lobster embryos (Gendron and Ouellet 2009: 550µm; 
Perkins 1972: 560 µm). Embryos from half of these females were raised at constant (ca. 8°C, 
upper panels) and ambient (ca. 5°C - 14°C, lower panels) temperature, respectively. In all 
cases DSH was based on the Perkins Eye Index (PEI) of recently-hatched prezoea. Results 
in left and right panels are based on the same data; left panels show means of means (six 
females per temperature treatment and 3-23 prezoea per female), and the right panels show 
means for all prezoea of a temperature treatment (83 embryos at constant and 65 at 
ambient temperature). Paired t-tests were used to test the null hypotheses that µ𝑳𝒐𝒄𝒂𝒍 =
	µ𝑮𝒆𝒏𝒅𝒓𝒐𝒏+𝑶𝒖𝒆𝒍𝒍𝒆𝒕 and µ𝑳𝒐𝒄𝒂𝒍 =	µ𝑷𝒆𝒓𝒌𝒊𝒏𝒔. *** for 𝒑 < 𝟎. 𝟎𝟎𝟏, ** for 𝒑 < 𝟎. 𝟎𝟏, * for 𝒑 <
𝟎. 𝟎𝟓, and NS for 𝒑 > 𝟎. 𝟓. 
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3.3.3 Predicting time of hatch based on detached embryos 

3.3.3.1 Predicting hatch of individual females based on mean estimates of DR and 

DSH for individual females, or for all females pooled 

Local estimates of DR and DSH made on detached embryos resulted overall in 

good predictions of hatch of attached embryos, with mixed results concerning the 

usefulness of making and applying these estimates to individual female lobsters (i.e., 

“female-level” estimates) versus using average value among females from the same 

temperature treatment (i.e., “population-level” estimates). 

Predictions based on female-level estimates of detached-embryo DR and DSH 

captured much better the observed variability in hatch date among females (attached 

embryos) than did those based on average embryo DR and DSH. More specifically, I 

found a strong and highly significant (𝐹!,!% = 27, 𝑟$ = 0.73, 𝑝 < 0.001) relationship 

between observed and predicted median hatch date of different females when using the 

female-level DR and DSH estimates, but a much weaker and marginally nonsignificant 

(𝐹!,!% = 4.4, 𝑟$ = 0.30, 𝑝 = 0.06) relation when using the population-level DR and DSH 

estimates (Fig. 12). Furthermore, the slope and intercept of the significant relation 

involving female-level estimates were not significantly different from 1 (𝑡 = −0.2, 𝑑𝑓 =

10, 𝑝 = 0.19) and 0 (𝑡 = 1.6, 𝑑𝑓 = 10, 𝑝 = 0.15), respectively, and the mean absolute 

prediction error was smaller when based on female-level (6 days) than population-level 

(8 days) estimates of DR and DSH.  

In contrast, predictions based on population-level estimates showed somewhat 

less evidence of bias when predicting hatch of my study female than did those based on 
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female-level estimates. More specifically, there was no significant (𝑡 = 0.72, 𝑑𝑓 =

11, 𝑝 = 0.48) difference between observed and predicted median hatch when predictions 

were based on population-level estimates of embryo DR and DSH, but a marginal 

significant (𝑡 = 2.4, 𝑑𝑓 = 11, 𝑝 = 0.04) difference when predictions were based on 

female-level estimates of embryo DR and DSH (Fig. 12). However, in both cases the 

mean of signed errors was small, at 2.1 and 4.2 days for predictions that were based on 

population-level and female-level estimates, respectively. This small bias was consistent 

with the small (but marginally significant [p = 0.03]) difference between the observed 

hatch dates of attached and detached embryos, and both of these biases are likely related 

to the greater (although not significantly so [p=0.11]) average DR estimated for attached 

than detached embryos. 
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Figure 12. Relationship between the predicted and observed median hatch date of embryos 
attached to 12 females, 6 reared at variable ambient temperature (red circles, ca. 5-14°C) 
and 6 at constant temperature (blue circles, ca. 8°C). Predictions were based on DR and 
DSH estimated from detached embryos from this study. Results are shown for predictions 
based on mean DR and mean DSH of the embryos belonging to individual females (Local 
Female: LF), as well as mean DR and mean DSH of the “population” of six females that 
were reared in a same temperature treatment (Local Population: LP). Paired t-tests were 
used to test if there was a significant difference between observed and predicted median 
hatch date. Linear regression was used to test the null hypothesis of no relationship between 
predicted and observed median hatch date; where a significant relation was found, I also 
tested the null hypotheses of slope = 1 and intercept = 0, to determine if the relationship 
differed significantly from 1:1. DOY = Day of the year. 

 

 

3.3.3.2 Predicting hatch using Local (population level) and literature-derived 

estimates of DR and DSH  

The nine models based on different combinations of DR and DSH estimates 

(Local [population level], GO, and P) provided a relatively wide range of predictions of 

hatch of embryos detached from the brood of 12 females that were kept at constant or 

ambient temperature. Among the nine models, error in median hatch date (i.e., predicted 
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median hatch date minus observed median hatch date) varied from -16 to +20 days and -

22 to +18 days for the six females held at constant and ambient temperature, respectively 

(Fig. 13). 

At constant temperature, six of the nine models yielded the most accurate 

predictions of median hatch date, making predictions that were not significantly biased, 

based on 95% CIs including the bias = 0 value (Fig. 13). The first of these is the model 

based on Local DR and Local DSH estimates, which provided predictions that were not 

significantly biased, with a mean error of +1.4 days. The second model that yielded 

predictions that were not significantly biased is that based on Gendron-Ouellet DR and 

local DSH similarly, with a mean error of +4.8 days. This result is consistent with my 

earlier finding that the DR estimate based on the Gendron-Ouellet temperature-based 

function of embryo development was similar to my Local DR estimate. The next two 

models that produced estimates that were not significantly biased were with Perkins DR 

and either Gendron-Ouellet’s or Perkins’ DSH. This finding is at odds with the fact that 

the model based on the same DR and the DSH estimated from my embryos (i.e., Local 

DSH) performed very poorly, showing a large error (+20 and +19 days for constant and 

ambient temperature, respectively) in median predicted hatch date (Fig. 13). A closer 

inspection of the performance of these three models based on Perkin’s DR reveals that 

the strong performance of some of these models was fortuitous, and hence not 

transferable. More specifically, the good fits of two of these models occurred because the 

prediction errors caused by the DR (Perkin’s) and DSH (Perkins or Gendron-Ouellet are 

similar) were in opposite direction, and to a good extent cancelled one another out. As 

outlined earlier, Perkins (1972) predicted embryos to develop more slowly, but to hatch 
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at a smaller “size” (as did Gendron-Ouellet DSH), than was observed in my study, with 

the first of these errors causing hatch predictions that were late, and the second causing 

hatch predictions that were early, relative to actual hatch. The opposite direction and 

similar magnitude of these two errors in my study resulted in an overall prediction error 

approximately equal to 0. The last two models that produced predictions that were not 

significantly biased were based on either Local or Gendron-Ouellet DR with Perkins 

DSH. The mean error of these two models was, however, relatively large (-12 and -9 

days), and approached statistical significance. The two models with Local or Gendron-

Ouellet DR estimates and Gendron-Ouellet’s DSH made predictions that were 

significantly biased, with mean error of -16 and -13 days (Fig. 13). 

At ambient temperature, only three of the nine models made unbiased hatch 

predictions, based on 95% CIs including the bias = 0 value (Fig. 14). The model with 

Local DR and Local DSH estimates again provided predictions that were not significantly 

biased, with mean error of +5 days. The two models with Perkins DR and either 

Gendron-Ouellet’s or Perkins’ DSH also produced estimates that were not significantly 

biased (mean error of -4.5 and -0.5 days), but again these outcomes represent false 

positive results. The model with Gendron-Ouellet DR and local DSH yielded predictions 

that were marginally significantly biased and with a mean error of +7.4 days, which is 

only approximately 2 days more than the predictions based on Local DR and Local DSH. 

The four models with Local or Gendron-Ouellet DR estimates and Gendron-Ouellet’s or 

Perkins’ DSH made predictions that were significantly biased, with generally larger mean 

errors varying from -22 to -7 days (Fig. 13). 
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There were therefore two models, based on Local DSH and either Local or 

Gendron-Ouellet DR, that made best predictions of hatch of attached embryos, in both 

temperature, and that have the potential to transfer to other ecological contexts. 

 

 

 
Figure 13. Mean (±95% CI) error in predicted median hatch date of embryos attached to 
six female lobsters housed at constant (ca. 8°C, top panel) and six females at ambient (from 
5-14°C, bottom panel) temperature, with stippled horizontal line indicating no bias. Results 
are shown for models based on different estimates of developmnet rate (DR, X axis) and 
development status at hatch (DSH, symbols). DR and DSH are one of Local, Gendron-
Ouellet (GO), or Perkins (P). The grey shaded area identifies false positives resulting from 
particular combinations of DR and DSH causing errors in opposite direction, and partly 
cancelling out (see Results and Discussion). 
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4 Discussion 

4.1 Overview  

This study demonstrated considerable variability in hatch date of American 

lobster embryos from the southwest Bay of Fundy, both among females and within each 

female’s brood. The variability in hatch date among females and within a female seemed 

partly related to how fast different embryos developed until hatch, but not their size when 

they were sampled, their size when they hatched, or (for variability among females) the 

size of the female. 

Lobster embryos in this study hatched at a much larger size than previously 

reported in the literature, and their development increased with temperature at a rate that 

was similar to that predicted by a published power function (Gendron and Ouellet 2009), 

but faster than predicted by a published linear function (Perkins 1972), relating 

temperature to American lobster embryo development rate. 

Embryos raised isolated from the female’s brood showed a high rate of hatch, and 

comparable development rate (DR), development status at hatch (DSH) and hatch dates 

(with small bias) relative to embryos still attached to a female’s brood, suggesting that 

raising embryos separated from female broods may be a convenient way to obtain local 

estimates of embryo DR and DSH, and to study embryo development more generally. 

The median hatch date of all lobster embryos attached to a female’s brood was 

well modeled by estimates of DR made on my study embryos (i.e., local estimates) or 

derived from the Gendron-Ouellet power function of embryo development rate combined 
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with local estimates of DSH, but this accuracy masks a higher error in predictions at the 

level of individual females. 

 

4.2 Using detached embryos to study development and hatch of lobster embryos 

 This study, which is the first to successfully monitor the development and hatch 

of American lobster embryos individually separated from a female’s brood, provides a 

novel “tool” to study the development and hatch of American lobster (and likely other 

crustaceans) embryos. The embryos were brought in the laboratory ca. 50 days before 

hatch with eye size of ca. 400 µm (PEI), which is estimated to represent ca. 70% of 

embryonic development in this species, according to the staging scheme of Helluy and 

Beltz (1991). Embryos were robust and survivorship was very high, with only five of my 

288 embryos (2%) dying before the prezoeal stage; these five deaths were all due to 

embryos desiccating after the container that housed them was not fully immersed in water 

following routine measurement.  

The hatch date of embryos detached from and still attached to my 12 study 

females was very similar, ranging from June 20th to July 31st (41 days) for the former and 

June 19th to July 29th (40 days) for the latter. The difference between the median hatch 

date of detached and attached embryos belonging to a same female was significant (p = 

0.03), but it was relatively small, varying from detached embryos hatching on average 6 

days earlier to 11 days later than attached embryos belonging to the same female, with a 

mean difference of 3.7 days later. It is unclear whether this 3.7-d average bias is due to 

sampling error associated with a relatively small sample size, or whether it reflects a true 
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difference in hatch date of attached and detached embryos; if the latter, the “delayed” 

hatch of detached embryos could be due to the light fouling I observed on some of the 

embryos. Brooding lobsters have been described to “groom” or “fan” embryos by beating 

their pleopods during the incubation period, presumably cleaning the embryos to prevent 

diseases and enhance gas exchange, which may accelerate development (Baeza et al. 

2016). The absence of such grooming may be responsible for the fouling I observed on 

detached embryos, which could have slowed their development and retarded their hatch. 

Grooming behavior has been observed to increase towards the end of embryo 

development, to facilitate larval release (Templeman 1937, Ennis 1975, Förster & Baeza 

2001, Baeza & Fernández 2002).  

Consistent with the conclusion that detaching embryos from a female’s brood had 

little effect on their hatch date, I also found a similar development rate (DR) and 

development status at hatch (DSH) between embryos still attached to and detached from 

a same female’s brood. For example, the mean development rate of detached embryos 

varied from being 15% slower to 5% faster than that of attached embryos belonging to 

the same female, with a mean difference of -5%, and the DSH of detached embryos 

varied from being 4% smaller to 4% larger than that of attached embryos belonging to the 

same female, with a mean difference of 0.5%. These differences between attached and 

detached embryos were small and not statistically significant, although it must be kept in 

mind that the sample size (n = 7 females) for these comparisons was small. Similar to my 

findings, Rosell (1986) noted no difference in development, indicated by changing in eye 

size and changing in embryo thickness, of Norway lobster (Nephrops norvegicus) 
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embryos detached from a female’s brood and those still attached to it. However, these 

relationships were not statistically quantified.  

These findings suggest a promising avenue for future observational and 

manipulative studies on a broad range of topics involving individual lobster embryos 

physically separated from a female’s brood. For example, and of particular relevance to 

the topic at hand, temperature-dependent development functions and development status 

at hatch of embryos from a particular location (and potentially multiple locations) and 

year can be estimated under laboratory conditions without logistical complications 

associated with holding individual female lobsters (see Conclusion and 

recommendations). Nevertheless, given the small (but significant) difference in hatch 

date I observed between attached and detached embryos, and also the evidence of a small 

bias in the hatch predictions that were made for attached embryos based on development 

estimates made on detached embryos (see section 3.2 and 3.3.3.1), I recommend more 

validation work, with larger sample size, be done before applying this method. One 

potential improvement to the conditions in which detached embryos are raised would be 

to increase water flow over these embryos, to emulate the benefits of periodic fanning by 

the female, such as potentially increasing gas change and avoiding the (limited) fouling 

that I observed on the detached embryos. 
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4.3 Patterns and mechanisms of variability in hatch date 

The total hatching period was 50 days and 36 days for the 6 females held at 

constant and ambient temperature, respectively. Importantly, these estimates undoubtedly 

“under-sell” true variability in hatch date among females in nature, and potentially 

markedly so, given the small number of females used in my study and the fact that I 

selected these females based on them possessing embryos at similar stage of development 

(i.e., similar PEI). In a recent study, Miller (2020) reported a 36-48 day hatching period 

for 22 female lobsters kept in a cage in nature in Dingwall harbor, Nova Scotia, whereas 

the estimated hatch period in nature was 94-114 days. The variability in hatch dates 

estimated by Miller was a combination of variability among and within a female’s brood. 

By tracking individual embryos, I was able to determine that 80% of the variance in hatch 

date was attributable to variation among females, compared to 14% to variation within a 

brood, and 6% to variation between the two temperature treatments.   

 

4.3.1 Variability in hatch date among females 

I found some evidence that variability in hatch date among females was related to 

their embryos’ DR, but not their initial PEI, DSH or female size. Embryo DR was 

negatively related to the median hatch date of individual females, but this relation was 

only significant at constant temperature, where it accounted for 97% of the among-female 

variability in median hatch date of detached embryos. This relation indicates that females 

(at constant temperature of 8°C) possessing embryos that developed faster in spring 

hatched earlier than those that possessed more slowly-developing embryos. Why this 
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relation was significant at constant but not at variable temperature is unclear, but this 

could in part be due to the somewhat greater range of hatch dates observed at constant 

than at variable temperature. In particular, the later hatch dates of some of the females 

held at constant temperature were not observed at ambient temperature, presumably 

because the warmer temperatures experienced later in the season by females held in 

ambient/variable conditions enabled embryos to complete development more rapidly. It is 

worth noting, however, that the sample size for these comparisons is quite low (n=6), and 

hence caution should be exercised in reaching general conclusions about the effect of 

temperature on these trends. In a recent laboratory study with 68 females from six sites in 

Atlantic Canada, White (2018) similarly found that embryo development rate (based on 

PEI) in spring contributed to variability in hatch date among females. 

Variability in hatch date among females was not significantly related to embryo 

development status in early spring (i.e., initial PEI), although there was some evidence of 

a negative relation between these variables. In a recent study, White (2018) found that 

embryo development status (based on PEI) in spring significantly contributed to 

variability in hatch date among females. The lack of a significant relationship between 

these variables in my study could be due to the narrow range of the initial PEI of the 

females, due to the fact that these females were selected on the basis of their embryos 

being at similar development stage in early spring (2% and 4% [CV] for constant and 

ambient temperature, respectively). 

Embryo development status at hatch seemed inconsequential to variability in 

hatch date among females in my study. In contrast, White (2018) found that DSH was 

significantly related to mean hatch date among 68 females. The inconsistency between 
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these studies could be due to variability in mean DSH among female embryos being 

much greater in White’s study (18%) than in mine (3%). 

Female size also seemed inconsequential to variability in hatch date among 

females in my study. To my knowledge, the relationship between female size and their 

hatch date has not been tested previously. There is, however, reason to expect that such a 

relation may exist, for example given the relationship between female size and maternal 

nutritional investment in their eggs (Attard & Hudon 1987, Ouellet & Plante 2004, Sibert 

et al 2004), which could impact the development and hatch date of embryos. One 

potential reason why I did not find a relation between female size and hatch date, despite 

the evidence that larger females make higher investments in their brood, is the relatively 

small size range of females in my study. The size of the 12 females in this study ranged 

from 92-149 mm (CL), whereas studies that have found a relationship between female 

size and the nutritional investment they make in their eggs covered a much broader size 

range (e.g., Ouellet & Plante 2004: 70 – 170mm CL). The absence of females < 90 mm 

CL in my study may be particularly important in this regard, as these would have likely 

included some first-time spawners (Gaudette et al. 2014), which are thought to make a 

lesser investment in reproduction due to the high proportion of their total energy budget 

still allocated to somatic growth, which could limit the quality and quantity of maternal 

nutrient investment (Attard & Hudon 1987, Plante 2001, Ouellet & Plante 2004, Sibert et 

al. 2004). 
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4.3.2 Variability in hatch date within females 

Hatch date also varied within a female’s brood, but less so than among females, as 

mentioned above. More specifically, when considering hatch date of individual embryos 

detached from a female’s brood, only 14% (constant temperature) and 23% (variable 

temperature) of the variability in hatch date was among embryos of a same brood, 

compared to 86% and 77% among broods. Again, this is despite having selected females 

for the experiment that had embryos at a similar stage of development, suggesting that 

the difference between females and embryos as sources of variation in hatch date in 

nature is even greater than indicated by these numbers. Nevertheless, hatch date of a 

same brood varied by 16 days on average (n = 12 females), and by as much as 22 days 

(min = 9 days). A similarly protracted hatch period of a single brood of American lobster 

has also been observed in Ennis (1975) with a range of 15-31 days, in Miller (2020) with 

a range of 7-42 days, and in White (2018) with a range of 3 to 52 days. 

I was able to explain less of the variability in hatch date within a brood than 

among females, presumably in part because hatch date varied less within than among 

females. Nevertheless, embryo DR seemed to explain some of the variability in hatch 

among embryos of a same brood, with embryos from four of the 12 females showing a 

significant relation between these variables and two a marginally nonsignificant (p = 0.07 

– 0.08) relation in the same direction. All six of these relations were negative, suggesting 

that embryos of a same brood that develop faster in spring hatch earlier than those that 

develop more slowly, which is sensical and consistent with what was observed for 

variability in hatch date among females. 
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Variability in hatch date within a brood was not significantly related to initial PEI 

for any of the 12 females, and it was only significantly related to DSH for one of the 12 

females. One potential explanation for the evidence that hatch date is affected by embryo 

DR more than by embryo initial PEI and DSH is the greater variability in the former than 

the latter, and the associated impact of measurement errors. For example, at constant 

temperature the CV (SD/Mean) in embryo initial PEI and DSH varied among females 

from 2.1-3.1% and 2.2-3.3%, respectively, compared to 3.5-20.8% for DR. Whereas the 

PEI measurement error was small, it was of similar magnitude (ca. 3%) as the variation in 

PEI and DSH, which compromised my ability to detect relations that may exist between 

these variables and hatch. It is also worth noting that my relatively small sample size (3-

24 embryos per female) likely did not capture the variability in these metrics that exists in 

the population of thousands of embryos in a female’s brood. Furthermore, even though 

variability in these metrics is small, it may still result in meaningful differences in hatch 

date. For example, for the average initial PEI and DR, a 3% difference in DSH causes a 

range of 7 and 8 days in the hatch of detached embryos at constant and ambient 

temperature, respectively.  

Other potential factors that may contribute to variability in hatch date among 

embryos of a same brood include: 1) maternal investments, 2) embryo catabolic rates, 

and 3) embryo development hiatus. First, embryos of a same brood do not receive the 

same amount or quality of yolk from the female (Benton et al 2005). Second, the rate of 

yolk utilization may differ among embryos, which are genetically different from each 

other; whereas such variability in yolk utilization has not been demonstrated for embryos 

belonging to a same brood, comparisons among females suggest this is a possibility 
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(Sibert et al. 2004). Third, it has been demonstrated that the eye index and cephalothorax 

length momentarily stop increasing when American lobster embryos reach approximately 

82% of development, and it has been suggested that this “development plateau” might 

precede the embryo’s last molt prior to hatch; this hiatus may be analogous to the hiatus 

observed in the molting cycle of juvenile/adult lobsters at premolt (Aiken 1973, Helluy 

and Beltz 1991). It is therefore possible that the variability in time of hatch I observed 

within a single brood is, at least in part, a result of variability in duration of this 

development hiatus. 

 

 

4.4 Development of lobster embryos from the southwest Bay of Fundy versus 

literature  

 Lobster embryos from the southwest Bay of Fundy hatched at a much larger size, 

as indicated by PEI, than previously reported in the literature. In this study, the mean 

DSH of lobsters from the southwest Bay of Fundy was 603.9 µm (range = 537.8 – 675.7 

µm), which is markedly larger than values observed by Gendron-Ouellet (550 µm) for 

lobsters from the Magdalen Islands, in central Gulf of St. Lawrence, by Perkins (560 µm) 

for lobsters from southern New England, in Gulf of Maine, or by Miller et al. (520 µm) 

for lobsters from the southern Gulf of St. Lawrence. Further evidence of geographic 

variation in lobster embryo eye size at hatch is provided by a recent unpublished study in 

eastern Canada, which was based on 5 prezoea from 5 females at 5 sites that were 

sampled once in a three-year period, in which 33% of the variability in embryo DSH was 
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related to sampling location (n = 5), 36% to different females (n = 5) from a same 

location, and 31% to embryos (n = 5) of a same brood (Haarr 2018). Interestingly, the 

largest DSH values in that study were from the Bay of Fundy (560 µm), and the smallest 

were from the southern Gulf of St. Lawrence (390 µm), which is consistent with the 

larger DSH values from the southwest Bay of Fundy found in this study (mean = 603.9 

µm) and the smaller DSH values documented previously from southern Gulf of St. 

Lawrence (Miller et al. 2016: mean = 520 µm; Gendron & Ouellet 2009: mean = 550 

µm). These results therefore indicate some inter-annual consistency in variability in DSH 

among locations, and hence some true geographical differences in DSH. One possible 

explanation for this geographic variability in DSH is the difference in size of ovigerous 

females in different regions, as female lobsters from the Bay of Fundy become sexually 

mature at a much larger body size than those from the southern Gulf of St. Lawrence or 

the Gulf of Maine (Campbell and Robinson 1983, Comeau and Savoie 2002, Watson et 

al. 2013, Gaudette et al. 2014, Le Bris et al. 2017, Haarr et al. 2020). Geographic 

variation in PEI-at-hatch has also been documented in the closely related European 

lobster H. gammarus (Hepper & Gough 1978: 634 µm off the coast of North Wales; 

Richard and Wickins 1979: 600-620 µm at Lowestoft, in the southern part of North Sea, 

England; Charmantier & Mounet-Guillaume 1992: 640-680 µm at Molene Island 

Finistere, in the northern part of Bay of Biscay; Coleman et al. 2019: 800 µm at Orkney, 

in north Scotland). However, for European lobster it is not known whether there is inter-

annual consistency in these geographical differences in DSH. 

 Lobster embryos from the southwest Bay of Fundy developed at a rate that was 

very similar to that proposed by Gendron and Ouellet (2009) for lobster embryos from 
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the Magdalen Islands, in central Gulf of St. Lawrence, but much faster than proposed by 

Perkins for embryos from southern New England, in Gulf of Maine. More specifically, 

the mean local DR estimated from this study, based on all embryos pooled (n=148, from 

12 females) (2.344 µm/day), was very similar to that predicted by Gendron-Ouellet’s 

temperature-based power function of embryo development (2.351 µm/day), but much 

larger than that predicted by Perkins’ linear function (1.866 µm/day). The reason for 

these geographic differences is unknown, but they could reflect adaptation to local 

thermal regimes, as spring-summer temperatures in the Bay of Fundy (cooler climate) are 

more similar to those in the Magdalen Islands (cooler climate), in central Gulf of St. 

Lawrence, than to those in the southern New England (warmer climate), in Gulf of 

Maine. This faster development of embryos in colder areas might be a strategy to ensure 

that larvae are in the water at an opportune time, for example with respect to the 

temperature or prey fields they experience. A recent study (Haarr 2018) contrasting hatch 

date of American lobster over much of the species’ range in Canada proposed that this 

may have evolved/be adjusted to minimize the time larvae spend adrift in the water 

column, which has also been proposed for Atlantic cod Gadus morhua (Bradbury et al. 

2000, Knickle & Rose 2010). But also, a recent study has found that inter-annual 

variability in benthic recruitment of lobsters is related to the abundance of Calanus 

copepod prey during the lobster’s larval phase (Carloni et al. 2018), suggesting prey 

availability as a potential evolutionary or ecological target for hatch date in this species. 

Obviously, both of these factors may be important.  
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4.5 Predicting time of hatch using embryos detached from female’s brood 

4.5.1 Low error in predicting the mean hatch behavior of a group of females  

The mean hatch date of females in my study was accurately predicted by 

estimates of embryo development rate made using embryos that had been detached from 

the female’s brood, and also using one of the two published functions of embryo 

development rate. For example, the best model had a mean error of 1 and 5 days when 

predicting the median hatch date of the six females at constant and ambient temperature, 

respectively. 

The variable values (or functions) that resulted in the most accurate predictions 

were mostly consistent throughout this study, and the few exceptions are not 

consequential to expected model transferability (see below). In both temperature 

treatments, the most accurate predictions of hatch date were obtained with two very 

different combinations of DR and DSH: i- DR either based on my local estimate or the 

power development function (Gendron and Ouellet 2009), and DSH based on my local 

estimate, or ii- DR based on the linear development function (Perkins 1972) and DSH 

based on estimates in Perkins (1972) or Gendron & Ouellet (2009). That the local 

estimates of DR and DSH led to accurate predictions is not surprising, nor is the fact that 

the Gendron-Ouellet DR (paired with local DSH) gave similar results, given that the 

mean local DR of embryos was very similar to that based on Gendron-Ouellet (See 

section 4.4). However, the high prediction accuracy of models based on Perkins’ DR and 

Perkins’ or Gendron-Ouellet’s DSH is less intuitive, given how different these are to my 

local estimates of DR and DSH. Closer inspection of the results revealed that the high 
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accuracy of these models arose fortuitously, because prediction errors caused by these 

estimates of DR and DSH were in opposite direction, and to a good extent cancelled one 

another out. More specifically, in comparison to mean local estimates of DR (2.344 

µm/day) and DSH (602.9 µm), the relatively small Perkins DR (1.866 µm/day) paired 

with a relatively small DSH from Gendron-Ouellet (550 µm) or Perkins (560 µm) yielded 

good predictions, but only because errors caused by each metric largely cancelled one 

another, the first (DR) leading to hatch predictions being later, and the second (DSH) to 

hatch prediction being earlier, than observed. The fortuitously similar magnitude of these 

two opposing errors lead to the prediction error being close to 0. For example, at constant 

temperature, the predicted hatch date was 20 days later than observed when using Perkins 

development function paired with Local DSH, and 19 days earlier than observed when 

using Perkins DSH paired with Local DR. Importantly, this pairing of variables is 

unlikely to yield accurate predictions in other years or locations, as development rate 

(DR) won’t be predicted over the same time period, or in the same temperatures, and 

hence errors associated with use of Perkin’s DR in this region won’t “cancel” the errors 

associated with use of a DSH that does not reflect local values. Hence, I recommend 

using local or Gendron-Ouellet DR paired with local DSH to predict hatch of embryos in 

the southwest Bay of Fundy.  

 The smaller DSH values from the literature resulted in markedly greater 

prediction errors than my larger local estimate of DSH. For example, when using Local 

DSH estimates with Local DR estimates to predict hatch of detached embryos, the 

predicted and observed median hatch date differed on average by only 1.4 days and 5 

days under constant and ambient temperature, respectively, in comparison to -12 days 
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and -18 days using Perkins’ DSH (also with local DR) and -16 days and -22 days using 

Gendron-Ouellet’s DSH (with local DR). The results were similar when using local DSH 

paired with Gendron-Ouellet’s development function instead of the Local DR, with 

predictions errors of 5 days and 7 days under constant and ambient temperature, 

respectively, in comparison to -10 days and -9 days using Perkins’ DSH and -12 days and 

-10 days using Gendron-Ouellet’s DSH. These findings clearly show the merit of 

obtaining local estimates of DSH when attempting to predict hatch in American lobsters, 

rather than using values available in the literature for other years and locations, unless of 

course these are shown to be a good estimate of DSH for a particular location, from year 

to year. 

Estimates of DR based on Gendron-Ouellet’s power function (Gendron and 

Ouellet 2009) of embryo development made predictions that were as good as those based 

on my local estimate of DR, and clearly better than those based on Perkins linear function 

(Perkins 1972) of embryo development, at both constant and ambient temperatures. Two 

recent studies (Miller et al. 2016, Miller 2020) have attempted to validate in nature these 

two temperature-dependent functions of lobster embryonic development. In these two 

studies, the hatch predictions were obtained by measuring the eye size of embryos 

sampled 59 to 6 days prior to the beginning of hatch, and then projecting their 

development based on the two development functions and temperature records obtained 

in the area from which the embryos were sampled. The hatch predictions were compared 

to the proportion of ovigerous females in fishermen traps that possessed stage IV broods, 

which are indicative of hatch (brown mossy “glue” can be seen on the female’s abdomen 

along with empty egg cases; MacKenzie et al. 2011). In these studies, the Perkins 
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function of embryos development better predicted hatch of embryos from Chéticamp and 

Dingwall, Nova Scotia, but Gendron-Ouellet function better predicted hatch of embryos 

from Bonaventure, Québec. These different outcomes are not simply related to whether 

hatch is predicted in the laboratory or the field, given that the two studies that were 

conducted in the field showed varying outcomes, and one of these even came to a 

different conclusion for the two locations it considered.  

It is unclear why there is conflicting evidence regarding which of the two 

published functions better predict development and hatch of American lobster embryos. 

The first possibility that cannot be dismissed is that the difference in accuracy of these 

two development functions may not always have been truly captured by the attempts to 

validate them in nature, given that the two functions predict very similar development 

over a relatively large range of temperatures (Appendix 2) and non-negligeable error 

must have been associated with the field estimates of true hatch. Alternatively, some or 

all of these differences may be true, and potentially reflect differences in the development 

rate of embryos in different regions, potentially reflecting differences in temperature 

regime experienced. In fact, the two functions were themselves developed using embryos 

from different regions, i.e, the relatively warm region of southern New England, Gulf of 

Maine, for the linear function (Perkins 1972), and the much colder region of the 

Magdalen Islands, in the Gulf of St. Lawrence, for the power function (Gendron & 

Ouellet 2009). Perhaps hatch behavior of embryos reflects acclimation or adaptation to 

different thermal conditions. For example, Miller (2020) found that the Gendron-Ouellet 

power function (cold regime) outperformed the Perkins linear function (warm regime) at 

predicting hatch of embryos from Bonaventure, Quebec, which is close to the Magdalen 
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Islands and has a more similar thermal regime (cold regime) to this area than to the 

warmer regime of southern New England. Similarly, I found Gendron-Ouellet's (cold 

regime) function better modeled hatch of my samples from the cold and well-mixed Bay 

of Fundy (BoF) than Perkins' (warm regime) function. However, not all spatial patterns in 

development differences appear consistent with this hypothesis. For example, hatch of 

lobsters from Chéticamp (Miller et al. 2016) and Dingwall (Miller 2020) in Cape Breton, 

Nova Scotia, was somewhat better predicted by Perkins’ than by Gendron-Ouellet's 

development function, which is counterintuitive given that spring temperatures in these 

regions is colder than in southern New England, and more similar to temperature around 

the Magdalen Islands, where Gendron-Ouellet's DR was developed. Unless these later 

two “anomalies” are due to micro-geographic thermal patterns related to depth, location 

of thermoclines, and/or movements of females, it ultimately does not appear that spatial 

patterns in function performance observed to date can be entirely explained by local 

adaptation to thermal regimes.  

It is important to stress, as well, that all these spatial patterns are based on a single 

year of data, and it is thus possible that they do not reflect true inter-annually repeatable 

differences in development of embryos among regions.  

 

4.5.2 Higher error in predicting hatch date of individual females 

My ability to predict the mean hatch date of a group of females (section 4.5.1) 

masks a considerably higher error in predicting hatch at the level of individual females, 

and of individual embryos as well. As discussed above, the mean hatch prediction error 
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associated with embryos belonging to the six females that were held in a same 

temperature treatment was very small, only 1 and 4 days for constant and ambient 

temperature, respectively. In contrast, when considering individual females, this error 

was as high as 17 days and 14 days for constant temperature and ambient temperature, 

respectively. I similarly found a very tight relationship between the observed and 

predicted time of hatch of my 12 study females when considering the estimates of DR 

and DSH made for each female (r = 0.86), but a considerably weaker (r = 0.55) 

relationship when using a mean DR and mean DSH of embryos from all females. The 

greater error obtained when using mean estimates was mostly due to variability in DR 

among females, rather than variability in DSH. More specifically, the observed DR 

varied by 27% and 26% (CV) among females at constant and variable ambient 

temperatures, respectively, whereas the DSH varied by only 5% and 3% (CV) in the same 

conditions. The cause of this variability in embryo’s DR among females is unclear. 

Whereas previous studies have suggested that female size could affect the energy 

reserves passed on to offspring (Attard & Hudon 1987, Silber et al. 2004) (also see 

section 4.2.1), the relation between female size and embryos DR was not significant (p = 

0.50, Appendix 1) in my study. 

 

4.5.2.1 Accuracy of hatch predictions in this study versus the literature 

Numerous studies have characterized the developmental of crustacean embryos 

(Helluy and Beltz 1991, Moriyasu and Lanteigne 1998, Müller et al. 2003, Garcia-

Guerrero & Hendrick 2006, Habashy et al. 2012, Long & Van Sant 2016), and several 
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have modeled their development and hatch based on temperature (Perkins 1972, Gendron 

and Ouellet 2009, Tong et al. 2000, Stevens et al. 2008). However, only a few have 

attempted to validate the accuracy of hatch predictions made by these models, and those 

that have made such attempts have found similar results to mine, both in terms of the 

magnitude of prediction errors and its variability among females. Charmantier and 

Mounet-Guillaume (1992) used a similar approach to mine (i.e., a temperature-dependent 

embryo development function and estimates of development status at hatch developed in 

their study) to predict time of hatch of nine female European lobster Homarus gammarus 

in the laboratory. Their mean prediction error of peak hatch date of these nine females 

varied from -10 days to +10 days, which is similar to my findings for 12 American 

lobsters (-17 to +10 days). Similar results were found for spiny lobsters Sagmariasus 

verreauxi, again in the laboratory, but this time using a development model based on the 

number of “growing degree days (GDD)” required for full development, where the 

prediction error of peak hatch of 15 females varied from -10 days to +5 days (Moss et al. 

2004). In a more recent study (Miller 2020) involving 21 American lobster females caged 

in nature, similar results to mine were found concerning the quality of hatch predictions 

made at the group versus the individual female level. In this study, 92% of the total hatch 

period was successfully predicted, and 98% of these predictions fell within the observed 

hatch period, when embryos from all females were pooled, compared to between 0 and 

100% (mean = 87%) of the observed hatch period being predicted and 0-90% (mean = 

31%) of the predicted hatches falling within the observed hatch period for individual 

females. These results, which involve different species of lobsters (American lobsters, 

European lobsters, and New Zealand spiny lobsters) and different modeling approaches 
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(DR+DSH and GDD), indicate that there are fundamental differences in the development 

and hatch of embryos belonging to different females that require further investigation, 

including consideration of factors such as ontogeny, environment (e.g., thermal history) 

and genetic differences.  

 

4.6 Conclusion and recommendations 

My study confirms that one can accurately predict the average hatch behavior of 

American lobster embryos from a particular population by sampling embryos from 

ovigerous females up to 59 days prior to hatch, and projecting their development and 

hatch on the basis of three parameters derived from measurements of their eye: (1) 

embryo development status at sampling, (2) embryo development rate (DR), and (3) 

embryo development status at hatch (DSH) (see also Perkins 1972, Helluy and Beltz 

1991, Gendron & Ouellet 2009, Miller et al. 2016). This is the most promising approach 

to predict hatch of American lobster embryos in areas where fishing does not occur 

during the hatch period. Whereas the hatch period can in principle be estimated based on 

the presence of females with stage IV broods in fishermen catches (e.g., Haarr et al., 

2020), in most regions in Canada peak hatch occurs when lobster fishing is closed; 30 out 

of 41 LFAs in Canada are closed in July, which is when most or some of hatch occurs 

(see Introduction). An alternative approach is to conduct plankton tows to sample stage I 

larvae (Scarratt 1964, Annis et al. 2007), but this too requires expensive and dedicated 

sampling that cannot easily be accomplished simultaneously over large areas, and which 

can also result in very low numbers of larvae being caught.  
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Time of hatch can be directly monitored in the laboratory, but if the goal is to 

predict hatch in nature, then this approach can only be used in the (rather exceptional) 

circumstances where a lab is supplied with running water from the geographical area 

where hatch is being predicted (i.e., similar temperature in lab and field). This monitoring 

probably could be done using embryos detached from females’ broods, given results of 

this study indicating that such embryos have a very high survival and hatch rate, and also 

very similar development and hatch date as attached embryos. Raising individual 

embryos instead of ovigerous females will markedly reduce space and husbandry 

requirements, and hence increase the number of females for which hatch can be 

simultaneously monitored.  

There is strong evidence that DSH varies among geographical areas, and some 

evidence that DR does as well. Local DR and DSH for different regions can be estimated 

by monitoring the development rate and development status at hatch of embryos at 

different temperatures in the laboratory, similar to what was done with American lobster 

(Perkins 1972, Gendron and Ouellet 2009) and European lobster (Charmantier & 

Mounet-Guillaume 1992) embryos to develop these temperature-based functions of 

embryo development. Although Gendron and Ouellet’s function described well the 

development rate of the Bay of Fundy lobster embryos, it may still be desirable to 

confirm this observation over more than one year. In more general terms, more studies of 

geographic and inter-annual variation in embryo development rate and status at hatch are 

needed to determine at what spatial and temporal scales we should be re-assessing these 

variables to predict hatch. 
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 Although my study involved a relatively small number of females (n=12), these 

covered most of the size range of ovigerous females in the Bay of Fundy. The 12 

ovigerous females in my study ranged from 92-149mm CL, compared to 75-185mm CL 

for the 524 females that were sampled in the Bay of Fundy by the DFO Spring Ecosystem 

Trawl Survey from 2000-2020 (data provide by the DFO). Importantly, eighty-nine 

percent of the lobsters in the trawl survey were within the size range of my 12 females.  

The demonstration that lobster embryos detached from a female’s brood develop 

“normally” opens the door to more detailed studies of their development, by tracking the 

same individual embryos over time. It also opens the door to more comprehensive 

comparative studies of hatch, by simultaneously raising embryos from many locations in 

different conditions. For example, this approach could be used to simultaneously create 

temperature-based development functions of lobster embryos from many locations, which 

in turn would enable the prediction and study of geographic and inter-annual variation in 

hatch over the specie’s range. This information would have important applications to the 

ecology and management of lobster. These and other questions concerning hatch date of 

American lobster embryos will become increasingly important as lobster phenology and 

ecological interactions are impacted by climate change. 
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Appendices 

 

Appendix 1. Relationship between the embryo development rate (DR) of detached 
embryos belonging to different female and female size (carapace length) estimated 
from 12 females held at either constant (ca. 8°C, triangles) or ambient variable (ca. 
5°C - 14°C, circles) temperature. DR was the difference between initial PEI and 
DSH, divided by the time interval between these measurements. DR was based on 
mean value from each female, with 5-24 embryos per female. ANCOVA was 
performed with temperature treatment as a categorical data and DR as a covariate. 
Female size was not significantly related to DR (𝑭𝟑,𝟖 = 𝟎. 𝟖𝟕, 𝒑 = 𝟎. 𝟓𝟎), when 
considering temperature (𝒑 = 𝟎. 𝟕𝟗).  There was no interaction between 
temperature and female size (𝒑 = 𝟎. 𝟕𝟑).  
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Appendix 2. Comparison of temperature dependent embryonic development 
functions: linear function (dotted line) by Perkins (1972) and power function (solid 
line) by Gendron and Ouellet (2009), where 𝒕  is the variable temperature in Celsius.   
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